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ABSTRACT 
Microfabricated in vitro kidney tissue models replicate essential components of in vivo 
kidney physiology, providing a platform for direct observation of controlled yet 
physiologically-representative kidney tissue. Currently, static and flat cell culture 
environments serve as platforms to study cell behavior, tissue structure formation, renal 
disease mechanisms, and drug development. Petri dishes, well plates, and flasks sustain 
cell growth, but their environments lacks physiological cues that are present in the in vivo 
environment, prompting cell responses that may not be physiologically-representative. 
One alternative to these flat, static environments is to use animal models, which offer an 
in vivo environment but inherently come with uncontrollable fluctuations that introduce 
variables into the test setting. Microfabricated kidney tissue models improve upon other 
in vitro kidney tissue models by precisely controlling the geometry of device components 
via high-resolution fabrication and forming processes. Control over device component 
geometry consequently dictates control over mechanical parameters which influence and 
guide kidney cell and tissue structure and function. In addition, microfabrication 
methods create platforms compatible with the various cells, materials, and chemistries 
which also provide cues leading to replication of critical kidney function in vitro. The 
v 
objective of this work is to develop an in vitro model of kidney tissue with 
physiologically-accurate replication of renal proximal tubule function. In chapter one, 
we have established a microphysiological model system of renal proximal tubule 
epithelia by a) characterizing the effect of user-defined physiological parameters on renal 
proximal tubule cells, and b) incorporating those parameters into a bilayer microfluidic 
device to model the renal reabsorptive barrier. In chapter two, we have characterized 
function of our renal tissue model to establish metrics of kidney-specific function, 
including reabsorption. In chapter three, we extend our proximal tubule model to 
include microvascular endothelial tissue and applied the metrics established in chapter 2 
to quantify reabsorptive barrier function in the coculture model. This microphysiological 
model system provides an in vitro platform on which to model reabsorptive tissue 
barriers with kidney-specific function which enables meaningful applications for 
understanding biological transport phenomenon, observing underlying disease 
mechanisms, and improving the drug discovery process. 
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into the opposite channel using a micropipette. The device was turned upside down so the 
cells settle to the membrane. After 3 hours, the device was turned right side up and 
submerged in RPTEC media for 24 hours. (F)Media was switched to hMVEC-complete for 
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branch away from each other towards the inlet and outlet ports. RPTEC TJs are labeled in 
green and nuclei in blue. hMVEC are labeled for von Willebrand Factor (vWF) in red, which 
is specific to endothelial cells. Scale bar: 100 J..Lm. (C) Confocal slices ofthe cocultured cells 
show a confluent RPTEC monolayer with well-formed TJ and (D) hMVEC tissue layer with 
defined TJ and vWF expression. Each tissue layer exists in the xy plane, but are separated by 
approximately 7 J..Lm in the z axis by the membrane. Scale bars: 30 J..Lm. (E) A single xz slice 
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INTRODUCTION 
The kidneys filter 180 liters of blood per day1' 2 , removing toxins and waste products 
from the body and maintaining concentrations of water, salt and other electrolytes I, 3 
through complex mechanisms of filtration, absorption and secretion. In order to carry out 
these functions, kidney physiology consists of a high degree of structural complexity, 
which when disrupted often leads to kidney malfunction and disease. Chronic kidney 
disease (CKD) is a prevalent, life threatening condition that currently affects millions of 
people worldwide 4• There are over 50,000 patients on the kidney transplant waiting list 
in the US alone and as a result, the majority of patients suffering from end stage renal 
disease (ESRD) depend on kidney replacement therapies or hemodialysis treatments. 
These treatments are costly and expected to rise, with ESRD treatment costs accounting 
for 6.3% of all Medicare expenditures and new ESRD cases per year projected to 
increase by 460,000 in 20305. 
Kidney tissue modeling provides a means to prevent kidney disease through a better 
understanding of basic kidney biology and the screening of toxic and harmful effects of 
potential insults such as pharmaceuticals. Kidney tissue modeling also provides a means 
to enhance and accelerate kidney therapy development by providing a convenient 
platform for therapy discovery and development research. As kidney tissue models 
increase in sophistication, they replicate a larger fraction of native kidney function, 
providing a path to regenerative kidney therapies culminating in a synthetic source for 
organ repair or replacement. Microfabricated kidney tissue models currently represent a 
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sophisticated version of kidney tissue modeling, since they allow a high degree of control 
and consistency in modeling kidney tissue. The resulting microfabricated platforms offer 
physiologic realism in cell and tissue function, well-controlled and repeatable test 
conditions, and ease of access for direct observation and data collection. 
Microfabricated in vitro kidney tissue models replicate essential components of in vivo 
kidney physiology, providing a platform for direct observation of controlled yet 
physiologically-representative kidney tissue. Currently, static and flat cell culture 
environments serve as platforms to study cell behavior, tissue structure formation, renal 
disease mechanisms, and drug development. Petri dishes, well plates, and flasks sustain 
healthy cell growth, but the environment lacks physiological cues that are present in the 
in vivo environment, prompting cell responses that may not be physiologically-
representative. One solution to avoid these flat, static environments is to use animal 
models, which offer an in vivo environment but inherently come with uncontrollable 
fluctuations that introduce variables into the test setting. Microfabricated kidney tissue 
models improve upon other in vitro kidney tissue models by precisely controlling the 
geometry of device components via high-resolution fabrication and forming processes. 
Control over device component geometry consequently dictates control over mechanical 
parameters which influence and guide kidney cell and tissue structure and function. In 
addition, microfabrication methods create platforms compatible with the various cells, 
materials, and chemistries which also provide cues leading to replication of critical 
kidney function in vitro. 
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The objective of this work is to develop an in vitro model of kidney tissue with 
physiologically-accurate replication of renal proximal tubule function. This was 
accomplished by first establishing a microphysiological model system of renal proximal 
tubule epithelia and characterizing the affect of user-defined physiological parameters on 
the renal proximal tubule epithelia. Next, the physiological parameters were incorporated 
into a bilayer microfluidic device to model the renal reabsorptive barrier. Metrics of 
kidney-specific function were then established to characterize function of renal tissue, 
including reabsorption. To further mimic the renal reabsorptive barrier, a layer of 
microvascular endothelial tissue was grown in co-culture and in close-proximity to the 
RPTEC tissue layer. The co-culture system was shown to mimic the in vivo architecture 
of the proximal tubule and cell viability and monolayer formation was characterized 
under the coculture conditions. This microphysiological model system of renal proximal 
tubule is posed to serve as a platform to measure response of tissue to external stimuli: 
mechanical forces, chemical stimuli, toxic reagents, and disease-inducing stimuli. The 
built-in metrics allow quantification of tissue response and have significant applications 
in understanding basic biological function, tissue structure formation, drug development 
and toxicity evaluation. 
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Background and significance 
Proximal tubule epithelial cell transport mechanisms 
The proximal tubule is the primary site of reabsorption for all the filtered water, 
biomolecules and ions that pass through the renal tubule. Transport across the renal 
tubular epithelium, illustrated in Figure 1, can occur through transcellular routes, by way 
of passive, coupled or active transporters, or through paracellular routes, which occurs 
when water and solutes move through the tight junctions connecting adjacent cells. The 
primary driving force for reabsorption is 
the low cytoplasmic sodium (Na l 
concentration maintained in proximal 
tubule cells by the (Na '-, K+)-A TPase 
pump located m the basolateral 
membrane, also shown in Figure 1. Na+ 
from the lumen moves with the 
concentration gradient into the proximal 
tubule cell either coupled to H+ via the 
Na+/W antiporter, or cotransported with 
sugars and amino acids via Na+/solute 
cotransporters. In this fashion, 
bicarbonate (HC03_) reabsorption 1s 
facilitated , H+ 1s effectively recycled 
Tubul<1r fluid 
_.,.._ .. No' 
- r- '-, ~ No-
: ATP 
K·~
I' 
Figure 1 Two thirds of renal sodium 
reabsorption occurs at the proximal 
tubule. The low intracellular sodium 
concentration is governed by the Na+/K+ 
ATPase pump and drives Na+ 
reabsorption. Sodium transport is the 
main driver for the reabsorption of other 
solutes and molecules, such as glucose 
and water, which can happen through 
transcellular or paracellular pathways. 
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between cytoplasm and the tubule lumen, maintaining pH levels, and virtually all of the 
glucose is removed from the tubular fluid through the proximal tubule. As Na + moves 
with the concentration gradient, water reabsorption occurs, chloride diffuses 
paracellularly into the interstitial space, and the proximal tubule lumen filtrate remains 
isotonic. The renal reabsorption and transport mechanisms depend on highly efficient and 
complex pathways that allow the kidneys to rapidly alter reabsorption in response to 
dietary intake. This function is crucial to recapitulate in in vitro models of kidney tissue, 
especially when studying renal toxicity and disease that stem from or result in changes in 
reabsorptive behavior. 
Kidney structure and function relationship 
Kidney tissue modeling requires replication of the complex kidney tissue structure in 
vitro as it is both influenced by and is a driver for kidney function. The human kidney 
consists of an outer cortex and an inner medulla, and contains 1-4 million nephrons, 
which are the basic, functional unit of the defmed kidney 2. The nephron is comprised of 
a glomerulus that filters incoming blood, and a tubule that modifies the filtrate before 
excreting it as urine. The tubule contains four distinct sections: the proximal convoluted 
tubule, the loop of Henle, the distal convoluted tubule, and the collecting duct, each with 
distinct and specialized transport functions . The tubule is lined by polarized epithelial 
cells which control bi-directional transport of solutes and water between the filtrate and 
the interstitium. The structure of renal tubular epithelial cells, shown in Figure 2 , varies 
considerably at different sections ofthe nephron and correlates with function 1, 6, 7. For 
example, healthy primary rat proximal tubule cells (PTC) exhibit cuboidal or columnar 
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shapes, well-defined nuclei, and uniform cytoplasm with close contact between 
neighboring cells 8, 9. PTCs have a highly developed structure that includes microvilli, 
numerous mitochondria, and extensive interlocking between cells 1, 7 which correlate 
with their major function, which permits the active reabsorption of up to 80% of solutes 
and water from the filtrate 2' 10. Furthermore, epithelial lumen size along the renal tubule 
corresponds to variations in glomerular-filtration rate and is reflected in the morphology 
of the nephron segments 7' 11 ' 12• The relationship between the rate of filtrate flow and 
lumen diameter allows tubule sections, such as the proximal tubule, to alter transport 
activity in proportion to filtered volume. In vitro models of kidney tissue must replicate 
the complex and varying in vivo kidney environment to elicit natural cell response and 
tissue formation in order to properly represent renal function, injury, and diseases. 
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Figure 2 The functional heterogeneity of the nephron correlates with the varying renal 
epithelial cell type and structure along the tubule. All tubular epithelial cells are in direct 
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contact with a BM and are interconnected by TJs that separate the luminal compartment 
from the lateral intercellular space. (A) PTCs display a characteristic brush border of 
numerous microvilli on their apical face and contain interdigitating basolateral folds 
resulting in a moderate surface area. These structures allow PTC epithelium to reabsorb a 
major fraction of water and solutes from the tubular fluid and secrete various organic 
compounds into the tubular lumen. (B) The descending thin limb of the loop of Henle 
contains relatively flat cells in a simple organization with sparse microvilli on their apical 
surface and few basal infoldings. (C) Cells of the thick ascending limb (TAL) of the loop 
of Henle are typically interdigitated, contain conspicuous lateral cell processes and 
infoldings, and have short, stubby microvilli. The resulting water impermeable TAL 
actively reabsorbs salt to concentrate urine. (D) Cells of the DCT are taller than those of 
the TAL, have high basolateral surface area, and large lateral interdigitating processes. 
The large basolateral surface area contains active Na/K pumps that are responsible for 
sodium and calcium reabsorption into the blood. (E) Cortical collecting duct (CCD) cells 
are typically noninterdigitated, contain basal infoldings that are restricted to the basal cell 
portion, and have only a few short microvilli on their apical surface. CCD epithelium is 
responsible for the remaining water and solute reabsorption before excreting the filtrate 
as urme. 
Renal diseases related to structural abnormalities 
Renal injury and pathology often results from and in turn alters kidney tissue structure 
and function. Due to the functional and morphological heterogeneity among segments of 
the nephron, cellular response to structural damage and pathological conditions may vary 
between renal cell populations. However, the interdependence between the components 
of the kidney implies that damage to one structure, whether it is to the blood vessels, 
glomeruli, tubules, specific nephron segments or interstitium, will almost always 
secondarily affect other structures and segments 13 • Structural changes in kidney tissue 
can be due to direct injury to cells, tissue inflammation, or obstruction of renal excretion 
14
-
17 
all of which can cause buildup of renal toxicity and lead to acute or chronic renal 
failure. Obstruction of renal filtration mechanisms stems from localized structural 
changes such as tubule cyst formation, found in polycystic kidney diseases 1• 18• 19, and 
abnormal accumulation of extracellular matrix (ECM) proteins, known as fibrosis 13• 16• 20. 
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Autosomal dominant polycystic kidney disease (ADPKD) results in fluid-filled cysts in 
the kidneys 18 that arise from pre-existing nephrons as defects in the structure of intact 
tubules19• 21• Cyst growth and formation ultimately results in chronic renal failure in most 
patients 18• 22 • Fibrosis can lead to complete destruction of kidney tissue and renal failure 
and commonly stems from changes in the basement membrane23 • Regardless of the origin 
of the disease, structural changes due to kidney cell and tissue damage disrupt renal 
function , impacting all kidney components and ultimately leading to renal failure. 
Drug-induced kidney toxicity 
Toxicity of chemical compounds to the kidney depends on the structure and function of 
kidney tissues. Drug-induced kidney toxicity accounts for 20% of acquired kidney 
failures in the general population and up to 66% in older adults 16• Antibiotics, anti-
cancer drugs, certain chemicals and metals 6 are often associated with toxic injury to 
kidneys with the incidence of nephrotoxic injury due to antibiotics as high as 36% 15• 
Kidney functional requirements necessitate high blood flow rates and a large number of 
cellular transport systems, resulting in proximal tubule epithelial, glomerular, and 
interstitial cells exposed to high levels of toxins 16• Therefore, these cells are particularly 
vulnerable to drug-induced nephrotoxicity, chemical injury, and changes in renal 
structure and function 6• 15' 24 . Generally, drug-induced tubulointerstitial disease results 
from direct toxic injury to the tubules or inflammation resulting from an immunogenic 
response16• 17• These toxic responses are enabled by the structure and function of the 
kidney tubule. In a similar fashion, the toxic responses can drive changes in structure and 
function of the kidney. Drugs attach to components of tubular cells, resulting in damage 
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to tubular and basement membrane structure1' 17' 25 • In addition, direct tubular injury, 
shown in Figure 3, can disrupt cell-cell and cell-substrate junctions, and cell polarity, a 
crucial element in maintaining tubular 
reabsorption, a key function of the kidney tubule 15, 
26 21 D t k"d . . h . l 
' . amage o 1 neys v1a toxic p armaceut1ca s 
varies in severity and mode of cell damage, 
indicating the unpredictable nature of underlying 
kidney disease mechanisms and the consequent 
need for improved platforms to study drug-induced 
kidney toxicity. 
Toxicology research depends on in vitro and in 
vivo models that are predictive for adverse effects 
in humans exposed to toxins. Unfortunately, 
toxicity screening remains a challenging task in 
pharmaceutical development, as current kidney 
toxicity testing methods do not effectively 
combine physiological accuracy or well-controlled 
parameters in one platform. In vivo studies carried 
out in animal models are based on the assumption 
that they are truly predictive of human toxicity. 
However, the response to toxic injury can vary 
between human and animal tubular epithelium, 
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Figure 3 Renal tissue structure 
and function are interrelated. 
Drug-induced nephrotoxicity 
results in damage to tubular cell 
structure and function, as a result, 
is lost. (A) Normal cells exhibit 
cell-cell junctions, cell substrate 
attachments and a polarized 
epithelium with an apical brush 
border and Na+, K+ ATPase 
pumps on the basolateral 
membrane. (B) Toxic insult 
results in breakdown of cell-cell 
and cell-substrate adhesion, 
leading to loss of polarity and 
uncontrolled transport of renal 
filtrate. Figure from Prozialeck 
WC, Edwards JR, Pharmacology 
& Therapeutics, 2007, 114, 74-
93. 
9 
with studies showing only 43% of rodent models are predictive of human toxicity28 . 
Additionally, the value of existing toxic screens in animal models are limited as they rely 
on the detection of biomarkers in the urine such as blood urea nitrogen and serum 
creatinine, which are not expressed until 70-80% of renal epithelial mass has been 
damaged29• In vitro, renal epithelial monolayers grown on 2D surfaces, such as Petri 
dishes or permeable filter supports30 lack higher order cell function that is expressed in 
the 3D tissue architecture in vivo. Simple viability assays are commonly used with in 
vitro models, but they ignore early toxicity effects and the ability to study mechanistic 
failure. An improved in vitro culture method which recapitulates the structure of the 
kidney tubule, and potentially integrates current toxicity markers from in vivo studies, 
will provide an opportunity for direct observation of kidney tissue structure and function 
during dosing of drugs, thereby improving the accuracy of toxicity evaluations. 
Crucial signaling elements for kidney tissue models 
The kidney is a complex organ with unique structures and conditions which influence 
function of multiple cell types. The in vivo microenvironment which signals kidney cells 
contains both mechanical and biochemical elements. The crucial signaling elements 
found in the native kidney environment largely depend on two main components of the 
kidney: the basement membranes and fluid flows. Basement membranes contact all 
endothelial and epithelial monolayers 31 while fluid flows, specifically intra-tubular 
filtrate flow which results in flow-induced shear stress (FSS), contacts epithelial cells. 
Microfabricated kidney tissue models can deliver crucial signalling elements by tailoring 
cell subsrates to mimic basement membranes and controlling perfusate flow to mimic 
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intra-tubular filtrate flow. Historically 32' 33 cells cultured in flat, static recepticles resulted 
in many of the discoveries in molecular and cell biology, although limitations of these 
methods are now being recognized. Microfabricated kidney tissue models can leverage 
precise control of the microenvironment, particularly the crucial signaling elements 
delivered via cell substrate and fluid flow, to elicit improved kidney-specific cell function 
from in vitro cultures and better mimic native kidney tissue. 
Signaling elements delivered via cell substrate 
Cell substrates can provide cues similar to those contributed by the kidney basement 
membrane and ECM in order to influence cell function and facilitate maintenance of 
kidney tissue structure in vitro. The ECM of the kidney comprises structural proteins and 
proteoglycans which provide both mechanical and biochemical signals. These signals, 
properties of the ECM and basement membrane (BM), determine cell polarity, influence 
cell metabolism, organize proteins in adjacent cells, and promote cell survival 34• 
Naturally occurring topographic structures and mechanical features in the ECM provide 
cells with mechanotransductive cues to influence cell behavior. The supporting 
meshwork of specialized protein found in the kidney ECM exhibits topographical 
features on the nano- and microscale that are directly involved in cell-matrix 
communication35• 36 and serve in structural and filtering roles. The kidney ECM consists 
mainly of the basement membrane, a flexible thin mat 50- to 100-nm thick, containing 
ridge structures in the sub-micron regime with protein fiber dimensions ranging from 6-7 
nm to several microns wide and pore sizes averaging 14.1 nm in diameter 37 • These 
topographical and mechanical features interact directly with cells adherent to the kidney 
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BM, indicating potential signaling and influence of cells in vivo and their importance as 
critical elements of an in vitro model of kidney tissue. 
Topographic patterns influence morphological and functional cell response in vitro 38, but 
their likely impact on kidney cell function in an in vitro environment has yet to be 
thoroughly explored. Well-defined topographic patterns influence cell response, most 
notably through contact guidance, and result in controlled, directed cell migration, 
alignment, elongation, and structural reorganization 39• 40 . Cell response to topography 
depends on many factors, including cell type, feature size and feature geometr/ 1• Three 
basic nanotopographic geometries, gratings, consisting of ridges and grooves, posts, and 
pits, have effects on cell morphology, migration, attachment, adhesion, and proliferation 
35
• In addition, cell-topography interactions have the ability to control higher order cell 
function such as stem cell differentiation and cellular superstructure formation 38. In 
general, epithelial cells show increased alignment and elongation along topographic 
features 42 . Cells from a highly modified human embryonic kidney cell line (HEK-293) 
demonstrate enhanced adhesion, proliferation and alignment to substrate topography43 , 
though the impact of topography on more physiologically-relevant kidney cells is not 
well documented. As the basement membrane of the kidney tubule contains micro- and 
l h. 36 44 45 h. . nano-sca e topograp tc structures · · , topograp IC patterns provtde a promising 
avenue to influence kidney epithelial cell function in vitro. 
Signaling elements delivered via fluid flow 
Cells, in addition to receiving biochemical and mechanical signals from synthetic and 
natural substrates, also receive signals from fluid flow. This is particularly true for renal 
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epithelial cells and vascular endothelial cells, since they receive fluid flow stimuli in their 
native environment. Vascular flow modifies ion channel properties and growth factor 
synthesis in endothelial cells46-48, while flow influences proliferation and differentiation 
in mesenchymal stem cells 45 and human osteoblasts49 . In the kidney, as blood enters the 
glomerulus and filtrate is funneled into the renal tubule to be modified into urine, the 
surrounding cells receive chemical signals from hormones and fluctuations in solute 
concentration, as well as mechanical signals from glomerular filtrate rate and pressure 50• 
Signals present due to filtrate flow are responsible for maintaining kidney function by 
regulating electrolyte balance, body fluid concentration and excretion of waste products. 
Appropriate chemical and mechanical signals naturally delivered via fluid flow can be 
replicated in a synthetic microenvironment to encourage and control specific tissue 
function in vitro. 
Renal filtrate flow and resulting FSS act as stimuli to epithelial cells that line the tubular 
lumen. The filtrate flow rate changes according to endocrine mechanisms, and exerts a 
shear stress between 0.2-20 dyne/cm2 51 on tubule epithelial cells. The mechanical signal 
generated by FSS is transmitted into cellular function by mechanosensory mechanisms, 
such as microvilli 52-56 and cilia57' 58, located on the surface of kidney cells. FSS affects 
overall tubule function and may impact tubule quality and cell-regulated ion transport by 
enhancing cell-cell junctions and cell layer integrity. In vitro kidney cell studies show 
FSS induces reorganization of the cytoskeleton 59 by reinforcing the apical and lateral 
domains of actin filaments 44' 60' 6 1, spurs the formation ofTJs and adherensjunctions, and 
dramatically reinforces expression ofvinculin 44, and increases the rate of albumin uptake 
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and degradation by proximal tubule cells62 . Sections of mouse proximal tubule in vitro 
change diameter and alter sodium ion absorption with changes in FSS 55 and the diameter 
of primary rabbit collecting duct tubules increases by approximately 14% with an acute 
increase in FSS 5 1. Nitric oxide production in vitro is also modulated by FSS in inner 
medullary collecting duct cells and may play a role in the regulation of sodium and water 
excretion within the renal tubular system 63. FSS influences cells in predictable ways both 
in vivo and in vitro, thereby providing a user-controlled means to control kidney cell 
response in vitro. 
Traditional kidney tissue models 
Review of current microfabricated kidney tissue models 
Microfabrication techniques provide a means to control microscale architecture and FSS 
of in vitro tissue models. Specifically, micro and nanoscale polymer molding create 
small-scale architectures to influence cells and subcellular structures 64 and permits 
subsequent chemical functionalization for increased control of cell function 65• 66 . 
Microfabrication also creates user-defined geometries for microfluidic channels, which 
serve a variety of applications 67. For example, molding techniques can create defined, 
microfluidic channels mimicking vasculature 68 and complex channel architectures found 
in nephron segments 69. Some current micro fabricated models of kidney tissue are shown 
in Figure 4. Since small-scale architecture of a device can influence cell function and 
physiological structure formation 70, control of device architecture can lead to a 
consistent platform with significant control of cell function and tissue structure. 
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Microfabricated kidney models with controlled flow-induced shear stress 
Since fluid flow and resulting FSS have profound effects on kidney cells, microfabricated 
in vitro kidney tissue models leverage microfabrication and micromolding to precisely 
control fluid flow. Microfabricated in vitro kidney models incorporate a microfluidic 
channel mounted on a flat, cell culture substrate44' 56 to control flow contacting the cells. 
In these in vitro tissue models, kidney epithelial cells are cultured on a glass slide and 
grown to confluency prior to device assembly. A pre-fabricated microfluidic chamber is 
subsequently placed over the cell population and fluid flow controlled by inlet flow rate 
is established across the cell monolayer. Mouse proximal tubule cells exposed to laminar 
flow for 24 hours demonstrated cytoskeletal reorganization, indicated by reinforcement 
of a lateral actin network44• Similarly, actin distribution reorganized after 5 hours of flow 
at 1 dyne/cm2 56, with effects differing between apical and basal sides of the cells. 
Compared to cells under static conditions, 5 hours of FSS induced a continuous 
distribution of intercellular junctions, demonstrated by a dramatically reinforced pattern 
of Z0-1 tight junctions. These models deliver uniform FSS across a simple, flat substrate, 
with FSS levels controlled via inlet flow rate, demonstrating the ability ofFSS to enhance 
kidney cell function in vitro. 
In addition to delivering uniform flow fields across a substrate and controlling FSS by 
inlet flow rates, microfluidic channels can control ranges of FSS within a channel by 
employing various channel geometries 71 ' 72 . A kidney tissue model with a microfluidic 
channel containing an oblique barrier in the path of fluid flow generates a wide range of 
FSS within the channel 73, enabling precise control over local FSS levels. Tbe oblique 
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barrier creates a uniform shear stress outside the obstructed region, a stable and linear 
shear gradient above and below the barrier, and a non-uniform flow field at the tip of the 
barrier. MDCK cells cultured within the device and exposed to a constant media flow rate 
of 2.7 11Limin receive a FSS of ~0.5 dyne/cm2 in the wide region below the barrier and 
~3.0 dyne/cm2 in the narrow region above the barrier. After 2.5 hours of continuous flow, 
cells located in the lower shear stress region exhibit partial cytoskeletal reorganization, 
while cells under high shear demonstrate more lateral accumulation of actin filaments. In 
general, intracellular Ca2+ uptake rapidly increases in response to an increase of FSS. 
After prolonged exposure to FSS, however, cells in higher FSS regions show a 
diminished increase of Ca2+ concentration, indicating that Ca2+ uptake rate in cells with 
higher degrees of cytoskeletal reorganization may be less responsive to flow change. By 
focusing on geometrical control of FSS, this device generates and controls complex FSS 
patterns within a single chamber. The result enables high-throughput examination of the 
effect of shear stress on cell growth and function while keeping culture conditions 
constant. 
!c Mulli· layer microfluidic device (MMD) D 1 /. a~~·,., •• , .. · Cells 
1,( -~ 
-4! : . ..... :_ : 
an~ : 
.....,.-:r-. i Kidney tubular epithelial cells 
Figure 4 Microfabricated models of kidney tissue precisely control the geometry of 
device components to deliver microphysiological cues to cultured kidney cells. (A) A 
microfluidic channel with an integrated oblique barrier applies a gradient of FSS to cell 
populations71 • (B) A dual chamber microfluidic device with integrated transepithelial 
electrical resistance measures monolayer integrity under flow conditions6 1• (C) A multi-
layer microfluidic device allows hormonal stimulation through the basolateral surface of 
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cells59 . (D) A semi-permeable membrane separates adjacent channels in a microfluidic 
device to study drug transport and assess response of cells to nephrotoxins 72 . 
Microfabricated kidney models with porous membranes and scaffolds 
To capture FSS cues of the in vivo microenvironment, while allowing observation of cell-
mediated transport and gradients, microfabricated in vitro kidney models can incorporate 
synthetic porous basement membranes. One example is a multi-layer microfluidic 
device, integrates a layer of microchannels, a porous polyester membrane, and a reservoir 
to serve as a collecting-duct-on-a-chip59• 74 . The device allows the re-creation of natural 
transepithelial osmotic gradients across the membrane, differential FSS, and hormonal 
stimulation via the microchannels. Primary rat IMCD cells form a confluent monolayer 
on the porous membrane with enhanced cell polarization and cytoskeletal reorganization 
due to controlled fluidic conditions. Results show that F -actin depolymerization occurs 
after 3 hours of exposure to a FSS of 1 dyne/cm2, but does not become fully 
depolymerized until 5 hours of FSS exposure. F -actin depolymerization and aquaporin-2 
(AQP2) translocation increases under increased FSS, and the combination of FSS with 
arginine vasopressin (A VP) stimulation from the basolateral side further heightens this 
effect. In addition, a transepithelial osmotic gradient of 300 mOsm per kg H20 increases 
AQP2 trafficking to the plasma membrane. Using a simple 2D synthetic membrane as a 
cell scaffold, this device controls FSS, hormonal stimulation and osmotic gradients across 
the membrane, replicating both flow and transport functions of the kidney. 
A similar bilayer microfluidic system with integrated transepithelial electrical resistance 
(TEER) measurement electrodes was used to evaluate kidney epithelial cells under 
physiological fluid flow conditions61• The top chamber served as a cell culture platform 
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and allowed fluid flow to be delivered to the apical side of the cells, while the bottom 
channel served as the basolateral chamber and acted a as reservoir for transport across the 
cell layer. Human renal epithelial cells demonstrated differentiated function within the 
device and F-actin cytoskeletal reorganization in response to FSS. TEER measurements 
and inulin leak rates, used as a marker for paracellular transport, were observed over 
time. The disruption of tight junctions by way of a calcium switch resulted in a decrease 
in monitored TEER measurements and an increase of fluorescently labeled inulin 
transport. The integrated TEER measurement system in addition to the bilayer 
architecture of the microfluidic device provides another metric to correlate cell 
monolayer formation and FSS with biological transport phenomenon in an in vitro 
platform. 
In addition to salt and water reabsorption, epithelial cells in the proximal tubule also 
reclaim and metabolize albumin and other proteins that cross the glomerular filter, 
although the amount of protein that crosses the glomerulus into the proximal tubule is 
debated62' 75 ' 76 . A bilayer microfluidic device provides a platform to evaluate protein 
degradation by renal proximal tubule cells under FSS and provides a deeper look into the 
progression of chronic kidney disease due to tubular protein buildup62• Opossum kidney 
epithelial cells were exposed to static and FSS conditions before introducing 
fluorescently-labeled albumin to the system. Systems with confluent monolayers exposed 
to FSS showed a significant increase in albumin uptake and/or degradation, as compared 
to static conditions, with small fragments of degraded albumin being excreted into both 
apical and basolateral compartments. These results show that at least one controlled 
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physiological parameter, FSS, is an important factor in the mediation of cellular protein 
handling, and the nature of the device allows potential mechanism of protein degradation 
to be studied. 
The heterogeneity and complexity of the native renal epithelial basement membranes 
suggests that its function not only allows for generation of gradients, but for further 
signaling functionality and structural guidance properties. To capture part of the 
signaling functionality and structural guidance, in vitro kidney models can incorporate 
membranes with engineered surface cues 36' 77 or porous scaffolds of structural biological 
materials 78' 79• An electro-spun membrane, comprised of nano- and micro-fibers 
synthesized with a urea-modified ureido-pyrimidinone (UPy) LMW polycaprolactone 
base polymer, PCLdi(U-UPy), serves as a cell scaffold in a perfusion chamber36. ECM-
derived bioactive peptides, which were derived from the renal BM-specific proteins of 
laminin, collagen I, collagen IV, and fibronectin, are combined with the fibrous mesh to 
create a bioactive membrane for the culture of human renal primary tubular epithelial 
cells (RPTEC). This membrane, with the inclusion of bioactive molecules, is able to 
sustain RPTECs in tight monolayers for 19 days while maintaining renal epithelial 
phenotype and function. Under perfusion culture, and in contrast to cells cultured on 
polymer membranes without bioactive molecules, cells on the bioactive membranes 
express genes which code markers of renal epithelial function, including the expression 
of the epithelial cell marker, E-cadherin, and various transporter proteins, such as peptide 
transporters, organic anion/cation transporters and A TP-driven transporters. Fibrous 
membranes with engineered surface peptides mimic physiological properties of the renal 
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epithelial basement membrane, providing appropriate morphology, structure, and 
chemistry to maintain a level of renal epithelial phenotype and function over extended 
culture periods. 
Porous scaffolds of structural biological materials provide structural guidance and 
possess inherent biochemical cues. Typically, biomaterial scaffolds are composed of 
collagen or matrigel, which provide some structural support and matrix-mediated cell 
signaling. A collagen I gel matrix has been shown to support angiogenic sprouting in 
embryonic kidneys 79, and kidney progenitor cells show markers for tubule formation 
when cultured in layers of polyester fleece and perfused with hormone-containing media 
80
• An aqueous silk scaffold 78 with infused collagen-matrigel provides some of the 
structural and chemical properties of the renal ECM in addition to porous features for 
transport and robust mechanical properties associated with silk. Mouse embryonic kidney 
epithelial cells derived from different tubular segments and seeded in the infused silk 
scaffolds exhibit branching and morphogenesis, resulting in cystic structures. The 
formation of structures are sustained for at least 6 weeks in collagen-matrigel-infused silk 
scaffolds under perfusion conditions, demonstrated by the presence of the marker 
proteins E-cadherin, N-cadherin, and Na+ K+ ATPase pumps. These protein-infused 
scaffolds offer limited confinement for growth of kidney-like structures, allowing direct 
observation of normal or diseased tissue formations. Due to their fabrication methods, 
fibrous and porous scaffolds possess inherent nano- and micro-structures, which allow 
tissue structure formation and provide a level of structural guidance. 
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Microfabricated kidney models with user-defined substrate topography 
To create direct control of structural guidance, while maintaining control over FSS, 
deliberately formed topographical patterns can be incorporated into a cell scaffold within 
a microfabricated kidney tissue model. A molded cell substrate with sub-micrometer 
scale topographical features serves as a kidney cell scaffold within a microfluidic 
system81 • A microfluidic flow channel system attaches to the molded cell substrate to 
form flow chambers which contain the user-defined topography of the substrate. The 
modular nature of the system combines and independently controls cell substrate surface 
topography and FSS signals to cells. Collagen IV is deliberately patterned on the cell 
substrates to control selective placement of HK-2 cells cultured within the microfluidic 
channels. The mechanical parameters of surface topography and FSS work in concert to 
elicit nuclear alignment and TJ formation, with topography enhancing cell response to 
FSS. FSS alone does not signal nuclear alignment or TJ formation of cells; however the 
combination with topography enhances nuclear alignment as well as Z0-1 expression and 
continuity, indicating mature TJ formation. Results indicate that topographical substrates 
may accelerate the rate of cell response and increase cell sensitivity to FSS. By 
administering independently controlled mechanical parameters to cell populations, this 
device provides user-defined control over signaling elements based on both substrate and 
flow, driving towards deliberate enhancement of in vitro human renal tissue. 
Microfabricated kidney models with reabsorptive function 
Limited published work exists describing in vitro models of renal proximal tubule tissue. 
Published work describing in vitro models of renal reabsorptive function is even more 
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limited. The high degree of transport of water and solute transport from the renal lumen 
into the blood stream defines the proximal tubule as the main site of reabsorption along 
the nephron. Renal proximal tubule cells contain apical transport proteins that facilitate 
the passive uptake of ions and molecules into the cell, which has been readily studied in 
vitro and in vivo. The export of these molecules out of the cells by active basolateral 
transporters and into the bloodstream characterizes complete reabsorption in the proximal 
tubule. Fluid that is reabsorbed through the proximal tubule epithelium is driven by 
transcellular sodium transport, which is regulated by the basally-located (Na +, Kl-
A TPase pump. The strong link between the sodium transport, water and other solute 
reabsorption allows the measurement of water transport, for example, to be an indirect 
metric of sodium reabsorption. One way to measure this reabsorption function is to 
characterize the hydraulic permeability of the modeled RPTEC tissue. The water 
reabsorption through a mature monolayer of RPTEC can be observed by applying a 
hydrostatic pressure gradient across the tissue between two chambers and measuring the 
increase in volume of the lower pressure chamber. To further validate transport function, 
the chemical inhibition of transport should lead to a change in water reabsorption, 
proving physiological function of the model and providing insight into the mechanisms of 
transport. To model complete renal reabsorption, the next step is to incorporate a 
coculture of microvascular endothelial cells to model reabsorption not only through the 
renal epithelial, but into the bloodstream as well. Based on the knowledge of cell-cell 
communication*, the presence of both cell types will undoubtedly have an effect on one 
another to create a realistic functional model of the renal proximal tubule. 
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Research Strategy 
In vitro kidney tissue models provide platforms to directly observe kidney tissue 
function, tissue structure formation, and tissue response to toxicity exposure in a 
consistent, controlled environment. Microfabricated kidney tissue models elucidate and 
replicate the complex relationship between kidney structure and kidney function by 
mimicking native chemistry and mechanical parameters within an in vitro tissue model. 
Current microfabricated microfluidic systems with controlled FSS, microfluidic systems 
with porous membranes or scaffolds, and microfluidic systems with user-defined 
scaffolds, provide relevant complexity of the in vivo kidney microenvironment. However, 
an in vitro model that integrates multiple user-defined biophysical parameters in a 
physiologically-realistic microenvironment is lacking. Specifically, a model that elicits 
the complex reabsorptive function of the in vivo kidney does not exist and would be a 
helpful tool for drug development and regenerative medicine applications. FSS and the 
delivery and exchange of chemical signals via fluid flow are critical for the sustainment 
of functional kidney tissue, as is physical surface topography of the renal BM, whether 
the cell population resides on a flat surface, porous membrane or in a user-defined 
scaffold. Microfabricated kidney tissue models provide extreme architectural precision, 
leading to precise and user-defined control of crucial cell-signaling elements of FSS and 
surface topography and the subsequent physiologically-accurate reabsorptive behavior of 
the renal proximal tubule. 
Careful combination of some or all of the crucial signaling elements found in vivo leads 
to the maintenance of physiologically-accurate kidney tissue in microfabricated kidney 
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tissue models. This project aims to create a physiologically-accurate microsystem with 
multiple user-defined physiological parameters that models in vivo behavior of renal 
PTCs and provides a platform to study nephrotoxicity and underlying disease 
mechanisms of the kidney. Our first aim was to fabricate and establish a 
microphysiological model system of renal proximal tubule epithelia. We approached this 
aim by first investigating how user-controlled physiological parameters affect renal PTCs 
in vitro. Our early results showed deliberate enhancement of human renal tissue results 
from administering user-defined control of cell substrate surface topography and FSS to 
cells. Next, we incorporated these cues into a microphysiological system that allowed a 
further mimicry of the in vivo system by modeling the renal reabsorptive barrier. The 
system architecture of our established in vitro model supported growth of confluent 
mono layers of renal PTCs and provided a platform to monitor biological transport across 
the renal PTC monolayer. Our second aim was to characterize function of our renal 
tissue model to establish metrics of kidney-specific function. Differentiated renal tissue 
with reabsorptive characteristics was verified within the model and measures of transport 
function, including sodium reabsorption and hydraulic permeability were tested. Our 
third aim was to model complete reabsorptive barrier by including a microvascular 
tissue layer in our system. It was found that the coculture system mimicked in vitro 
architecture and the presence of endothelial cells influenced epithelial monolayer 
formation and longevity. Results also show that the coculture model expressed transport 
proteins and may have sodium reabsorptive functionality. Overall, this work describes the 
development of a platform that serves as a way to measure the response of tissue to 
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external stimuli. The established metrics allow quantification of tissue response and has 
significant applications in understanding basic biological function, tissue structure 
formation, drug development and toxicity evaluation. Given our innovative approach of 
controlling multiple microenvironmental conditions, we have shown to more closely 
match and more precisely monitor in vivo-like kidney function in our system. The 
resulting applications, such as toxicity screens, will likely have better sensitivity than 
current methods, leading to a better understanding of the biology governing kidney 
development, toxicity, and other disease states. 
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CHAPTER 1: ESTABLISHMENT OF IN VITRO MODEL OF KIDNEY TISSUE 
To provide platforms for disease study and therapeutic development, in vitro tissue 
models seek to precisely control the microenvironment of cells. Microenvironments that 
support physiologically-relevant tissue formation require a multitude of signals, including 
matrix proteins, soluble or immobilized growth factors, cytokines, cell-to-cell interactions 
and physical parameters. 82 Physical parameters such as biomaterial substrate topography 
and flow-induced shear stress (FSS), directly affect cell response and tissue structure 
formation. The topographic cues present in the extracellular matrix (ECM) in vivo play a 
significant role in cell survival, migration, organization, and function. 34 The basement 
membrane (BM) is an integral part of the ECM; it contacts all epithelial and endothelial 
monolayers31 and is a supporting meshwork of specialized proteins that can be involved 
in structural, filtering and signaling roles. Present within the BM are sub-micron 
topographical structures in the form of fibers and pores. 34' 41 ' 83-85 The BM of the kidney 
tubule is comprised of proteins such as laminin, fibronectin, osteonectin, fibulin, agrin, 
d . l IV ll 83 86-88 an mam y type co agen. ' Replicating elements of the tubule protein 
composition and topographical structures would provide native cues for in vitro kidney 
tissue culture. Additionally, kidney epithelial cells in vivo are subjected to varying FSS 
due to renal filtrate flow along the kidney tubule, which plays an important role in tight 
junction (TJ) formation, ion regulation, water balance and waste removal. 1' 3 ' 7' 11 ' 59 
Incorporation of FSS in an in vitro model of kidney tissue would provide a means to 
regulate and potentially enhance these critical kidney-specific functions. The deliberate 
combination and control of topography and FSS result in a tubule-like mechanical 
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environment to encourage formation of tissue m vitro with native m vivo kidney 
physiology. 
Topographic patterns influence morphological and functional cell response,38 but their 
likely impact on kidney cell function has yet to be thoroughly explored. Well-defined 
topographic patterns influence cell response, most notably through contact guidance, and 
result in controlled, directed cell migration, alignment, elongation, and structural 
reorganization. 39' 4° Cell response to topography depends on many factors, including cell 
type, feature size and feature geometry.41 Three basic nanotopographic geometries, 
gratings, consisting of ridges and grooves, posts, and pits, have effects on cell 
morphology, migration, attachment, adhesion, and proliferation.35 In addition, cell-
topography interactions have the ability to control higher order cell function , such as stem 
cell differentiation and cellular superstructure formation. 38• 78• 89 In general, epithelial cells 
show increased alignment and elongation along topographic features. 42 Cells from a 
highly modified human embryonic kidney cell line (HEK-293) demonstrate enhanced 
adhesion, proliferation and alignment to substrate topography,43 though the impact of 
topography on more physiologically-relevant kidney cells is not well documented. As 
the basement membrane of the kidney tubule contains micro- and nano-scale topographic 
structures,37• 90-92 and line-grating sub-micron topography in vitro mediates cellular 
organization,93 topographic patterns provide a promising, yet unexplored, avenue to 
influence kidney epithelial cell function in vitro. 
FSS significantly influences cell monolayers, particularly renal epithelial and vascular 
endothelial cell monolayers, since they receive FSS stimulus in their native environment. 
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FSS induced by vascular flow modifies ion channel properties and growth factor 
synthesis in endothelial cells,46-48 while FSS influences proliferation and differentiation in 
mesenchymal stem cells45 and human osteoblasts.49 In the kidney, epithelial cells line the 
tubular lumen and receive stimulus from FSS caused by renal filtrate flow passing 
through the nephron to the collecting ducts. Since nephron size and flow varies across 
tubule sections 1• 2 a wide range of shear stress is exerted on tubule epithelial cells, with 
one estimate predicting tubule shear stress between 0.2-20 dyne/cm2.59• 63 In the proximal 
tubule, accurate levels offFSS are not known because tubular reabsorption causes filtrate 
flow to be continuously modified along the tubule. In addition, changes in proximal 
tubular flow rate and tubule diameter 94 make the exact value of in vivo tubule FSS hard 
to define. Presumably, the FSS induced by the renal filtrate flow has an effect on 
proximal tubule cell structure and function. Indeed, in vitro kidney cell studies show FSS 
induces reorganization of the cytoskeleton 56 by reinforcing the apical and lateral domains 
of actin filaments,44 spurs the formation of TJs and adherens junctions, and dramatically 
reinforces expression of vinculin.56 In vitro kidney tissue model systems that incorporate 
FSS will encourage highly functional responses from kidney epithelial cells leading to a 
physiologically-accurate representation of native tissue. 
Our first step in developing a sophisticated in vitro model of kidney tissue was to 
characterize the response of kidney tissue to parameters which mimic signals found in the 
in vivo renal environment. As a platform for the characterization, we developed the 
microscale tissue modeling device (MTMD) which couples a topographically-patterned 
substrate with a microfluidic chamber to control both topographic and FSS cues to renal 
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PTCs. Cells from the renal proximal tubule cell line HK-2 were cultured in the MTMD 
and exposed to topographic patterns and several levels of FSS simultaneously. We then 
characterized the response of the renal PTCs to the system. Results show that the 
biomaterial property of surface topography and FSS work in concert to elicit cell 
alignment and influence TJ formation, with topography enhancing cell response to FSS. 
By administering independently-controlled mechanical parameters to cell populations, 
the MTMD significantly influenced renal cell function, providing a platform for a more 
realistic in vitro model of human renal tissue. 
Methods to establish an in vitro model of kidney tissue 
Fabrication of substrate topography 
Hot embossing generated the submicron-scale topographical substrates using a nickel 
mold created by a two-step molding process shown in Figure 5. First, a silicon master 
mold was fabricated using standard photolithography and reactive ion etching (RIE) to 
produce sub-micron topographical features in the form of grooves 0.75 f.lm wide and 0.75 
f.lm deep with a 1.5 f.lm pitch. Seed metal of 10 nm Cr and 50 nm Au was applied to the 
silicon master mold using an electron-beam evaporator (Temescal, Livermore, CA). 
Approximately 0.75 mm of a nickel-cobalt alloy was electroformed to the silicon master 
mold (NiCoForm, Inc., Rochester, NY). The silicon master mold was dissolved using hot 
KOH for 20+ hours to release a nickel alloy inverse replica of the master mold. For the 
embossing step, the nickel alloy mold was placed with the submicron features in contact 
with a polystyrene blank in a uniformly heated, temperature- and pressure-controlled 
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automatic hydraulic press (Carver, Inc., Wabash, IN). Under a light load, the temperature 
was ramped to 130°C. The force was then increased to 1500 lbs. and held for 45 
minutes. The sample was cooled under constant pressure to 60°C and released from the 
nickel alloy mold. The resulting substrate was a replica of the silicon master mold and 
served as the platform for cell culture experiments. The samples were then sputter-coated 
with 1 OOA of chrome and 200A of gold to enable subsequent surface chemistry 
preparation. 
Cells from the human renal proximal tubule epithelial cell line (HK-2) were cultured at 
37°C and 5% C02 with renal tubular epithelial medium (DMEM/F12 supplemented with 
0.5% FBS, 10ng/ml hEGF, 5 11g/ml insulin, 0.5 11g/ml hydrocortisone, 0.5 11g/ml 
epinephrine, 6.5 ng/ml tri-idothyronine, 10 11g/ml transferrin, 100 U/ml penicillin, and 
100 11g/ml streptomycin). Media was renewed two to three times weekly and cells were 
passaged when they reached 80% confluence. Cells were seeded on MTMD substrates, 
both blank and topographical, at an initial density of 800 cells/mm2 and grown to 
confluency over a four day period. The MTMD substrates were used 24 hours after cells 
reached confluency. All cells used in this study were used at a passage number less than 
15. 
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Figure 5 Polystyrene topographical substrates were fabricated by A) spin-coating a 
silicon oxide wafer with photoresist, B) photolithographically patterning the resist, C) 
developing the photoresist to create an etch mask, D) anisotropically etch to transfer 
photoresist features to the silicon oxide at a depth of 1 11m and E) strip the photoresist to 
create the master mold. Nickel, F) was electroformed to the silicon wafer to form an 
inverse mold G) to hot emboss using elevated temperature and pressure. The embossed 
polystyrene H) was cooled under constant pressure and demolded I) from the nickel mold 
to create the topographical substrate. 
Device fabrication 
The flow system was designed to be compatible with a syringe pump (KD Scientific, 
Holliston, MA). PDMS microfluidic channels with dimensions of 18 mm in length, 3 mm 
in width and 150 Jlm deep, arranged in a 3xl array, were fabricated by curing PDMS pre-
polymer on a micromachined stainless steel mold. The PDMS replicas were released 
from the molds and holes were punched to serve as inlet and outlet ports of the 
microfluidic devices. To generate the MTMD, the microfluidic channels were aligned 
and assembled to the topographical substrates such that the confluent cell monolayers 
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resided strictly within the channel boundaries. Microfluidic channels were also assembled 
with blank substrates to serve as one set of controls. A fixture, specifically designed with 
tubing access and real time imaging access ports, locked the MTMD together to prevent 
leakage. 
Flow tests 
HK-2 complete growth media was pre-conditioned by exposing it to 5% C02 and 37°C 
for at least 12 hours, and then delivered to the MTMD in a controlled fashion via a 
syringe pump. For both blank and topographical substrate types, three conditions were 
tested: no FSS (t = 0), low FSS (r = 0.02 dyne/cm2) and high FSS (r = 1.0 dyne/cm2). 
For low FSS and high FSS, samples were exposed to continuous flow of media solution 
for 2 hours. The flow rate was calculated using r = :~;,where ll is the medium viscosity 
at 37°C (dynes/cm2), Q is the volumetric flow rate (cm3/s), b is the channel width and h 
is the channel height. For the no FSS condition, cells on blank and topographical 
substrates remained in static media for the duration of the flow tests. Each condition 
contained at least 3 independent replicates per trial and the entire battery of experiments 
was repeated over 3 independent trials. 
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Cell fixing and staining 
After completion of the flow test, samples were rinsed with PBS then fixed with a 
solution of 3.7% Paraformaldehyde in PBS. After and additional PBS rinse, samples were 
incubated in a permeabilizing solution of 1% Triton-X in PBS. Samples were blocked 
with 3% FBS in PBS for a minimum of 15 minutes and incubated for 30 minutes with 
mouse anti-Z0-1 IgG primary antibody, diluted 1:200 in 
1% FBS to label cell TJs. The samples were then rinsed 
3 times with PBS, blocked with 3% FSB for 10 minutes, 
and rinsed again in PBS. The primary antibody was 
labeled with anti-mouse IgG conjugated to Alexa fluor 
488 dye. F-actin was labeled with rhodamine phalloidin 
at a 1:200 dilution in 1% FBS and nuclei were labeled 
with a Hoechst dye at 1:1000 dilution in 1% FBS. 
Samples were again rinsed three times in PBS, blocked 
with 3% FBS and rinsed three times with DI water. 
Glass cover slips were mounted directly on the 
polystyrene substrates using mounting media and sealed. 
Image collection and statistics 
An inverted fluorescent microscope with an attached 
Coolsnap camera and the image acquisition software, 
Metavue, were used to collect all cell images. Exposure 
Figure 6 SEM images of 
ridge/groove topography. 
The topographical features 
were accurately transferred 
via hot embossing from a 
nickel alloy mold (A) to a 
polystyrene substrate (B). 
The edge profile of the 
polystyrene substrate (C) 
shows defined ridge/ groove 
features. Ridges and 
grooves are 0.75 Jlm wide 
and 0.75 Jlm deep with a 1.5 
Jlm pitch. (Scale bar, 1 Jlm) 
time was controlled during each image acquisition. For each experiment, over 200 data 
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points, consisting of one cell each, were taken from each sample. At least three replicate 
samples were analyzed per group. Groups were compared for statistical significance 
using a one-way ANOV A test with a paired Tukey analysis. Experimental results were 
verified for 3 independent experiments. 
Cell alignment and tight junction analysis 
Nuclear alignment was chosen as a surrogate measure of overall cell body alignment as 
previously demonstrated 65 . Using ImageJ, cell nuclei were identified, traced, and their 
major axis angle was measured with respect to the ridge/groove topography. Cell 
alignment was quantified by calculating the fraction of cells aligned within 10 degrees of 
the ridge orientation on the topographic substrates. Image analysis software, CellProfiler 
2.0 95 , developed by the Broad Institute, Cambridge, MA was used to accurately identify 
individual cells in a monolayer and quantify intensity of the fluorescently-labeled Z0-1 
protein. To quantify TJ properties, Z0-1 expression was analyzed by two methods. 1) To 
analyze the intensity of the TJs, intensity of fluorescently-labeled Z0-1 was integrated 
along the perimeter of each cell and normalized by the perimeter of the cell. The 
normalized intensities of cells within one sample were then averaged to determine the 
sample value for intensity. 2) To analyze continuity of TJs, the standard deviation of 
fluorescently-labeled Z0-1 intensity was calculated along the perimeter of each cell. The 
standard deviations of Z0-1 intensity per cell within one sample were then averaged to 
determine the sample value for continuity. Figure# illustrates the cell analysis pipeline 
in CellProfiler used to quantify cell properties. Software-induced errors and artifacts, 
such as cell grouping, were corrected by filtering with software-based counting 
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mechanisms and manual inspection of analyzed images. Data points due to errors or 
artifacts were removed prior to data analysis. 
Multiple user-controlled physiological parameters enhance kidney tissue structure 
formation in vitro 
In the kidney, tubule epithelial cells are sealed together by tight junctions, which reside 
on the apical side of the cell and function as a selectively permeable barrier between renal 
filtrate in the lumen and fluids in the interstitium. These apical junctional complexes 
characterize cell-cell adhesion properties and are the main determinant of the 
permeability characteristics of the proximal tubule24 • The quantification of tight junction 
formation is, therefore, a model measurement of the quality of renal epithelium. 
Topographical substrates 
The master mold silicon wafer possessed submicron topography of grooves 0.75 11m wide 
and 0.75 11m deep with a 1.5 11m pitch. The two subsequent pattern transfers to nickel 
alloy and polystyrene were accurately replicated to within 5% of the original feature 
sizes. Figure 6 illustrates this pattern replication with SEM images of the nickel alloy 
mold and embossed polystyrene. The nickel alloy mold survived for at least 50+ 
embossing presses with no signs of degradation. The polystyrene released easily from the 
nickel alloy mold, aided by a SAM of HDT molecules applied to the mold surface. The 
11CP and collagen-coated embossed topographical substrates indicated presence of 
collagen on tops of ridges, bottoms of grooves, and sidewalls of ridges within the 11CP 
areas, with no evidence of collagen outside the 11C areas. The resulting chemistry is an 
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adhesive "island" of collagen that exists on both topographically-patterned and non-
patterned substrates. 
COMSOL simulation of flow in flow chamber channels 
Computer simulation predicted the FSS across the cell adhesion areas to vary less than 
5%. Wall shear stress values were highest at the inlet and outlet regions of the channel, 
but became evenly distributed approximately 4 mm from the inlet and outlet ports. 
Streamline plots showed laminar flow across the main chamber and across the cell 
adhesion areas. This was also predicted with hand-calculations of the Reynolds' number 
for flow in a wide duct, where the characteristic dimensions was twice the distance 
between the parallel plates (top and bottom walls of our chamber). Our calculations led to 
a Re < 50; where fully developed flow with a Reynolds number below 2000 was 
considered laminar. 
Cell alignment 
Quantitative analysis of nuclear alignment showed an influence of both topographical 
features and FSS on nuclear alignment. Nuclear alignment angles were measured with 
respect to the ridge/groove features on topographical substrates, oriented at 90°, and cell 
angles varied from 0-90°. On blank substrates, nuclear alignment was measured with 
respect to an arbitrary axis at 90°. Stained HK-2 nuclei depict the fraction of nuclei 
alignment for each of the six sample sets. Cells on blank substrates appeared randomly 
oriented, regardless of applied FSS. All three alignment percentages on blank substrates 
were not significantly different from the theoretical alignment of 11% for randomly 
36 
oriented cells. FSS coupled with topographic substrates resulted in an increase in nuclear 
alignment as compared to blank substrates. Cells on topographical substrates not 
exposed to FSS showed 23.8% of nuclei aligned within 10° of the ridge/groove features. 
For cells on topographic substrates, the high level of FSS resulted in a significant 
increase in alignment compared to cells not subjected to FSS. Data between replications 
did not differ significantly from one another. 
Cell alignment may be enhanced by FSS m combination with topographic cues. 
Numerous types of cells align and elongate along ridge/groove topography of substrate 
surfaces,41 and as a result, cell alignment is used as a common metric of cell influence 
due to topography. Here, we have chosen to use nuclear alignment as a measure of cell 
alignment as nuclear alignment has been shown to be at least as stringent a metric as cell 
body alignment.96 We confirmed alignment of cells to topography through observation of 
HK-2 renal proximal tubule epithelial cell alignment to sub-micron ridge/groove patterns. 
In addition, we noted a new observation: FSS alone did not cue alignment of cells but 
instead enhanced alignment of cells to topography. For the 2 hour duration of FSS used, 
topography and FSS worked in concert to influence cell alignment, while FSS in absence 
of topographical cues did not result in alignment. 
Tight junction formation 
Shear stress and topography both influenced formation of TJs in HK-2 cells. Figure 7 A 
shows HK-2 cells with fluorescently-labeled Z0-1. The perimeters of cells, as defined 
by the Z0-1 TJ s, transition to a higher intensity with more fluorescence signal as 
topography and FSS are applied. Overall fluorescent signal, as well as location of the 
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fluorescent signal, indicated increased Z0-1 express10n and translocation to cell 
perimeters. In addition, the cell perimeters transition from a more punctuate morphology 
to a continuous morphology with the application of topography and FSS. Crisp cell 
perimeters were less frequently observed for cells on blank substrates without FSS as 
opposed to cells on topographical substrates with FSS. Both Z0-1 intensity and 
continuity were analyzed through image processing to quantify the observed effects of 
topography and FSS on TJ formation. 
High-throughput image analysis of TJ formation is necessary for accurate and objective 
data quantification. Evaluation of TJ quality in confluent cell mono layers exposed to FSS 
typically involves quantification of Z0-1 or other TJ protein expression with image 
processing techniques to examine isolated areas of TJ formation. 56• 59• 97 Common image 
processing methods quantify TJ intensity across a particular cell-cell junction, as well as 
TJ space between cells56 for discreet, user-defined points along the cell perimeter. To 
examine the TJ formation of the entire cell perimeter, we used CellProfiler to analyze 
Z0-1 expression of hundreds of individual cells, across multiple samples. Unlike 
conventional image processing systems, this technique allowed a large number of cells, 
over 700 for a given condition in this study, to be analyzed simultaneously. In addition, 
automated and objective normalization and quantification of parameters occurred without 
the need for user-selection of analysis sites. Since the entire cell perimeter may respond 
to extracellular cues, this technique is particularly attractive as it evaluates complete TJ 
expression around the border of a cell, rather than at discreet points, thus providing a 
method for robust and objective data analysis. 
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Z0-1 intensity and continuity 
Intensity of TJ formation was quantified by integrating Z0-1 intensities around 
perimeters of cells on blank and topographical substrates under FSS conditions as shown 
in Figure 7B. The cumulative intensity of Z0-1 expression measured around the cell 
perimeter, normalized by the cell perimeter, served as an intensity metric to quantify TJ 
formation. The Z0-1 intensity in cell populations cultured on blank substrates did not 
change significantly due to FSS exposure. In the absence of FSS, cell populations on 
topographical substrates had a significant increase in Z0-1 intensity compared to those 
on blank samples. Furthermore, cells on topographical substrates displayed increased 
Z0-1 intensity after exposure to FSS. Increasing the level of FSS did not enhance Z0-1 
intensity further. Error bars in Figure 7B Represent the standard deviation of Z0-1 
intensity across sample replicates. 
Continuity of the Z0-1 labeled TJs responded to both topography and shear stress as 
shown in Figure 7. Cells on blank substrates, both with and without FSS, tend to have 
punctate sections of Z0-1 with a zig-zag morphology through some areas. Cells on 
topographic substrates without FSS or with low FSS tend to have more continuous Z0-1 
with less punctate and zig-zag sections. In contrast, cells on topographic substrates with 
high shear stress present continuous Z0-1 with a crisply defined TJ border and nearly no 
punctuate or zig-zag sections. Standard deviation of the Z0-1 intensity around the cell 
perimeter served as a quantifiable metric of TJ continuity. After two hours of FSS, there 
was not a significant difference in TJ continuity on blank substrates, independent ofFSS. 
Cells on topographical substrates demonstrated less variance along Z0-1 staining patterns 
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than cells on blank substrates. Additionally, continuity of Z0-1 expression m cell 
populations cultured on topographical substrates exhibited a marked dependence on the 
presence of FSS. This is shown graphically in Figure 6 and is measured by intensity 
fluctuation along the perimeter of cell-cell junctions. Topography alone appears to 
increase Z0-1 continuity in cell monolayers, but this change became more pronounced 
when coupled with FSS. With respect to the zero FSS blank sample, each experiment 
conducted on topographical substrates had a significant difference in Z0-1 intensity 
continuity, with p-values well below 0.05. Error bars in Figure 7C represent the standard 
deviations in the variance of Z0-1 intensity across sample replicates. 
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Figure 7 FSS and topography synergistically influenced expression and distribution of 
Z0-1. (A) Representative images of Z0-1 expression for cells cultured on blank and 
topographical substrates and exposed to either 0, 0.02 or 1.0 dyne cm_2 FSS. With the 
addition of topography and FSS stimuli, morphology of the Z0-1 borders transitions 
from punctate to continuous. The arrow indicates the direction of ridge/groove 
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topography. (B) Intensity of Z0-1, integrated along cell perimeters and normalized by 
cell perimeter, quantified tight junction expression and distribution. The Z0-1 intensity 
increased significantly in cells cultured on topographical substrates compared to those on 
blank surfaces. Cells exposed to all levels of FSS on topographical substrates showed a 
significant increase in Z0-1 intensity compared to cells on topographical substrates 
exposed to t=O conditions. (C) Standard deviation of Z0-1 intensity measured along cell 
perimeters quantifies tight junction continuity. Standard deviation of Z0-1 intensity 
decreased for all topographical samples compared to cells on blank surfaces and was 
lowest for cell populations exposed to both topographical substrates and FSS. Cell 
populations on blank surfaces did not present Z0-1 intensity differences after two hours 
of FSS. Data are presented as mean ± standard deviation. *, P < 0.05 versus blank, t = 0 
samples;**, P < 0.001 versus blank, t = 0 samples; w, P < 0.001 versus topographical t = 
0 samples (scale bar, 15 11m). 
The presence of topography may alter the duration and amount of FSS exposure required 
to significantly influence a population of cells. The 0.75 11m wide grooves approximate 
the sub-micron feature sizes observed in the BM. In addition, they have feature sizes 
large enough to elicit significant cellular response yet remain much smaller than the 
average cell diameter in order to allow formation of a continuous cell monolayer. FSS 
levels of 1.0 dynes/cm2 and 0.02 dynes/cm2 were chosen based on values obtained from 
the literature, 56' 59 which show 1.0 dyne/cm2 to have significant influence on proximal 
tubule cells. Renal proximal tubule cells have also been shown to respond to a FSS value 
of as low as 0.17 dyne/cm2,44 which is a stark contrast to endothelial cells, for example, 
which can experience FSS of 10-40 dyne/cm2 in vivo.46 In a blank-substrate flow 
chamber, 5 hours of FSS at 1 dyne/cm2 has proven sufficient to encourage the alterations 
in formation of TJ s in renal proximal tubule cells. 56 Over a range of times, however, cell 
responses such as actin depolymerization begin to take effect at a minimum of 3 hours of 
FSS and do not become fully developed until 5 hours of FSS.74 Furthermore, epithelial 
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cell response to a FSS of 0.2 dyne/cm2 over 5 hours has been shown sufficient to induce 
cytoskeletal reorganization, but not enough to yield full actin depolymerization 74 
indicating lower FSS values still impact cell function. Our data confirmed that a short 
duration of FSS exposure and low values of FSS do not have a significant effect on TJ 
formation in cell populations cultured on blank substrates. However, cells in this study 
stimulated via topographical substrates, exhibited significant TJ response after only 2 
hours of exposure to FSS. Also, for cells on topographical patterns, a FSS of 0.02 
dyne/cm2 yielded significant changes in cell response compared to zero FSS conditions, 
but did not differ significantly from high FSS levels. Based on these findings, 
topographical substrates appeared to accelerate the rate of cell response and increase cell 
sensitivity to FSS. 
FSS in combination with topography enhances the formation of tight junctions. Labeled 
TJs represent points of cell-cell contact within a monolayer of cells and the degree of 
fluorescent expression is proportional to junctional "tightness".98 We noticed higher 
levels of Z0-1 intensity and continuity in cells cultured on topographical substrates, with 
the highest levels presented in cells exposed to combined topographical and FSS cues. 
Previous studies indicate prolonged exposure to FSS results in a significant reassembly of 
intercellular junctions,36' 56' 59 with a dramatic reinforcement ofZ0-1 staining.74 Here we 
confirmed the reassembly of intercellular junctions and reinforcement of Z0-1 staining 
due to exposure to FSS for 2 hours. However, ou1r studies indicated a requirement of 
surface topography as an additional cue to signal the alterations in Z0-1 expression. 
Regardless of substrate topography, however, cells not exposed to FSS frequently 
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presented zig-zag segments of Z0-1 borders as seen in Figure # A. Although the degree 
of local intensity of these regions was unaffected by the irregular pattern, the zig-zag 
appearances were presumably a sign of incomplete TJ formation . The discontinuity of 
intensity within the zig-zag features was taken into account when quantifying Z0-1 
intensity continuity, and contributed to higher levels of variance among zero FSS 
samples. The zig-zag segments became less frequent with increased FSS on 
topographical substrates, indicating a transition to more complete TJ formation. Cells that 
exhibited high and continuous intensity of Z0-1-labeled TJs were likely poised to form a 
well-developed, highly functioning epithelial layer with the natural filtering behavior of 
the renal proximal tubule. 
Figure 8 Hot embossing was used to topographically pattern the porous membranes. (A) 
An un-pattemed polycarbonate membrane was placed on a (B) nickel mold. The nickel 
mold contained relief structures of the topographical features of interest and was 
fabricated using photolithography, etching and electroforming processes. (C) The 
membrane and nickel mold were brought in contact between two platens and placed 
under elevated temperatures and pressure and the membrane (D) was de-molded from the 
nickel mold. (E) The result was a topographically-patterned membrane with intact pore 
structure. (F) The membrane was then assembled into a multichannel microfluidic device 
for the study of cell culture and transport. 
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The MTMD controlled the mechanical cues of sub-micron topography and FSS 
independently in vitro resulting in significant influence of kidney epithelial cells and 
encouragement of in vivo physiology. The modular format of the MTMD allowed the 
device substrate to possess user-defined biomaterial surface and bulk properties, 
including combinations of controlled chemistry and topography. In addition, the 
fabrication methods employed to make the MTMD, particularly micro-contact printing 
and hot-embossing, enabled discreet placement of cells on a chemically functionalized 
surface to limit unwanted external influence of the cells. The MTMD was primarily 
manufactured using non-cleanroom based fabrication techniques that allow for the 
replication of high resolution features using inexpensive polymer-based materials in a 
low-cost, high-throughput manner. The MTMD provides a cell culture platform capable 
of sustaining and modeling kidney tissues with controlled physiological responses in an 
in vitro environment. 
A microfluidic bilayer device to model the renal reabsorptive barrier 
To establish our microphysiological model system, we preserved the integrated 
physiological parameters of topography and FSS in a bilayer microfluidic device to 
model the renal reabsorptive barrier. This next step allowed us not only to study tissue 
formation of a renal monolayer, but to look at transport phenomena across that 
monolayer, as transepithelial transport is the defining function of the renal proximal 
tubule. Models of reabsorptive barriers require both a means to provide realistic 
physiologic cues to and quantify transport across a layer of cells forming the barrier. 
Various experimental studies of renal epithelial barriers use permeable membranes as cell 
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culture platforms to study transport characteristics of renal tubule epithelium 59, 61 , 74, 77• 
Porous membranes commonly used as cell support structures can be fabricated using 
various methods such as foaming99' 100, particulate leaching101 ' 102, immersion 
precipitation 103, and freeze drying104 which generate porosity and a consequent 
topography dependent on the porous features. Although these methods generate 
membranes with topography and porosity, the two parameters cannot be independently 
controlled or tailored. Generating a topography independent of the pore formation would 
allow creation of a porous membrane with both user-defined topography and pores, to 
tailor each to facilitate a BM-like architecture or enable control of experimental variables. 
Recent work has demonstrated the feasibility of creating pores in a topographically-
patterned sheet by leaching micro-particles105, which lacks control over pore size and 
shape, and by phase separation micromolding (PS11M) 106, which depends heavily upon 
polymer type, solvent, and non-solvent component, and temperature .. Additionally, the 
high porosity and interconnectivity of these porous scaffolds do not accurately mimic BM 
in vivo, as the latter is more likely to contain single, isolated trans-membrane pores as is 
seen in the renal tubular BM91 . Creating a membrane with single, isolated trans-
membrane pores of well-controlled size with an independent set of topographical patterns 
would allow a close approximation of BM with the ability to regulate mechanical 
signaling to adherent cells and to evaluate barrier formation. 
45 
Blank OSGrat 075Grat lOG rat lOP its 
Figure 9 Hot-embossing created well-defined topographical features while maintaining 
pore architecture in 8-J..lm polycarbonate membranes. Representative models (top row) 
and their corresponding SEM images (bottom row) show the five distinct topographic 
patterns created using the hot-embossing process. (A) The blank, or control, sample 
contains a flat surface. (B-D) The topographically patterned membranes contain a variety 
of evenly spaced ridges and grooves (abbreviated 'Grat') with increasing ridge widths of 
0.5 J..lm, 0.75 J..lm, and 1.0 J..lm, respectively, and (E) evenly spaced 1.0 J..lm pits. All 
topographical features have a depth of0.75J.!m. 
We have topographically-patterned porous membranes with several user-defined pattern 
types. To demonstrate the utility of the patterned membranes, we selected one type of 
pattern and applied it to a membrane to serve as a cell culture support in a microfluidic 
model of a renal reabsorptive barrier. The topographic cues in the model resemble 
physiological cues found in vivo while the porous structure allows quantification of 
transport across the cell layer. Sub-micron surface topography generated via hot-
embossing onto a track-etched polycarbonate membrane, fully replicated topographical 
features and preserved porous architecture. Pore size and shape were analyzed with SEM 
and image analysis to determine the effect of hot embossing on pore morphology. This 
topographically-patterned porous membrane provides an in vitro platform on which to 
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model reabsorptive barriers with meaningful applications for understanding biological 
transport phenomenon, underlying disease mechanisms, and drug toxicity. 
Topographic membrane fabrication 
Hot-embossing, shown in , patterned thermoplastic porous membranes with topographic 
features in the sub-micron to microscale range. Polycarbonate track-etched (PCTE) 
membranes (GE Power & Water, Tervose, PA) with nominal pore sizes between 3 J..lm 
and 12 J..lm were embossed with topographic patterns from a master mold. Four distinct 
topographical feature geometries were replicated from a nickel master mold, with 
resulting feature dimensions within 5% of the original feature dimensions. An embossing 
dwell time of 15 minutes, 820 kPa of pressure and a temperature of 150°C, resulted in 
preservation of pore architecture for all pore sizes tested. The four topographical 
geometries with preserved porous architecture are shown in Figure 9 and the original and 
embossed polycarbonate track etched membranes are shown in Figure 10. A range of 
user-defined topographies can be embossed onto the membrane and chosen based on cell 
type and application. The membranes released easily from the nickel mold due to the 
SAM ofHDT molecules applied to the nickel surface prior to embossing. 
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Figure I 0 Polycarbonate track etched membranes were embossed using a micromachined 
nickel master mold. (A) The 8 11m thick membranes are overlaid on the nickel mold that 
has the sub-micron features to be embossed on its surface. (B) The topographical pattern 
is transferred to the membranes and results in an optical array of colors that can be seen 
by eye. (C) SEM of an un-embossed membranes magnified 500 x show a smooth surface 
compared to (D) embossed membranes with a 0.75 urn ridge/groove topographical 
pattern, magnified 2,000 x. 
A variety of porous membranes are suitable for topographical patterning via hot 
embossing. Polycarbonate and polyester membranes are typical because they are 
thermoplastic and lend themselves well to embossing and they provide an adequate cell 
culture surface for epithelial cells. We chose to use GE™ polycarbonate membranes for 
this study because they are commonly used for cell culture applications, such as in 
Transwell dishes, and microfluidic cell analysis applications59' 61' 81' 107. PCTE membranes 
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are available in a choice of diameters and pore sizes with a narrow pore size distribution 
and low non-specific binding. They are semi-translucent, offer superior strength and 
thermal stability, and are biologically inert. The mechanical and physical properties of 
these membranes make them ideal for our embossing procedure, allowing selective 
permeability to be integrated with surface topography on a cell culture platform without 
destroying the membrane's innate characteristics. 
Embossing control of pore diameter 
Membrane pore diameter depended on embossing dwell time in a controlled and 
repeatable manner. For a constant load of 820kPa and temperature of 150°C, pore 
diameter decreased as dwell time increased. For dwell times of 15 minutes or less, pore 
diameters were not significantly affected by embossing, as shown in A. PC membranes 
embossed with a dwell time of 20 minutes or greater had significantly reduced pore 
diameters compared to unembossed samples. A clear window of embossing dwell time 
from 10 to 15 minutes afforded a robust process which replicated topography, yet did not 
significantly alter the pore diameter. Alternatively, pore diameters could be reduced in a 
controlled fashion by extending dwell times beyond 20 minutes, creating a method to 
reduce pore size as needed. As shown in B, the unembossed control membranes 
exhibited pore sizes at or below their specified nominal diameters, supporting the 
suppliers' claims. For a dwell time of 20 minutes under 820kPa at 150°C, embossing 
reduced pore diameter over all feature geometries for membranes with large pores, such 
as 8 and 12 tJ.m nominal diameter, but did not reduce pore diameter for pores with small 
nominal pore diameters, such as 3 and 5 tJ.m. 
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Figure 11 Pore diameter and geometry were controlled with embossing parameters. (A) 
Pore diameter decreased as embossing dwell time increased. Dwell times between 10-15 
minutes did not change pore diameters significantly from nominal pore size. *, p<O.O 1 
compared to 0 minute dwell time, t p<0.001 , compared to 20 minute dwell time. (B) For 
larger nominal pore diameters and a 20 minute dwell time, embossing decreased pore size 
slightly over all topographical feature geometries, although the fractional change between 
the control and embossed pore diameters decreased as nominal pore diameter increased. 
*, p<0.05 compared to control. (C) SEM images above illustrate the differences in 
elongation of 3-12 Jlm pores embossed with 10Grat topography. Smaller nominal pore 
sizes were more elongated than larger nominal pore sizes. Control membranes, regardless 
of pore size, have elongated pore morphology, with 3 Jlm pores having an elongation of 
almost 35%. Hot embossing elongated the pores significantly, although this was not 
consistent for all patterns and nominal pore sizes. In general, smaller pore sizes 
elongated due to porosity more often than larger pore sizes, and grating patterns more 
frequently elongated pores than the pit pattern. *p < 0.02 compared to control pore size; 
t, p<0.05 compared to control pore size. All samples represented in (B) and (C) were 
embossed for 20 minutes under 820kPa of pressure at 150°C. Measured pore diameters 
were derived from the calculated pore area using image analysis software. Data is 
presented as mean ± standard deviation. 
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Some decrease in pore diameter was expected after embossing due to the flow of the 
polymer under high temperature and pressure. For our patterns, significant pore diameter 
decrease occurred at a 20 minute dwell time and the amount of diameter reduction 
increased with increasing dwell time. Pore diameter decrease was independent of pattern 
type, although patterns used in the experiments were of a uniform and shallow depth. In 
addition, the fractional area of the protruding features on the mold, which determines the 
amount of polymer displaced during embossing, did not vary significantly for our 
patterns. Increasing depth and fraction area of protruding features will likely increase 
pore diameter sensitivity to embossing parameters. The amount of pore diameter change 
can be limited based on the embossing recipe, with a dwell time of 10-15 minutes 
providing a good balance of replication of topographical features without significant 
changes to pore diameter. Since the pores in the membrane are mainly columnar in cross 
section, the permeability and transport properties will be largely dependent on pore 
diameter and the number of pores, both of which can be changed predictably or 
unchanged by the topographic patterning process. 
Embossing control of pore elongation 
Pores in control PCTE membranes were elongated circles, a condition enhanced in some 
cases by the embossing procedure. The average pore in non-embossed control 
membranes exhibited a slightly elongated shape with a fraction of elongation, found by 
subtracting the minor axis from the major axis and normalizing with respect to the major 
axis, ranging from 0.16 for 12 ~m pores to 0.34 for 3 ~m pores. C shows how the 
fraction of elongation for pores after embossing was dependent on nominal pore diameter 
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and in some cases, topographical feature geometry. Membranes with smaller pore 
diameters, i.e. 3 and 5 Jlm, yielded significantly higher fractions of pore elongation 
compared to larger pore sizes. Membranes with a pore size of 3 Jlm exhibited pores with 
an average elongation fraction of almost 0.5 when embossed with a 1 Jlm ridge/groove 
pattern, a 49% increase from the control. However, elongation of the 3 J..tm pores did not 
increase significantly for other topographical feature geometries. For larger pore sizes, 8 
J..tm and 12 Jlm, the change in pore elongation became insignificant across most 
topographical feature geometries when compared to the control pore geometry. The one 
exception was membranes with 12 Jlm pores, which had significantly increased 
elongation of pores when embossed with the 75 Jlm ridge/groove pattern. The 5 Jlm 
pores increased elongation fraction for all embossed geometries. For the embossed 
geometries here, elongation of pores did not trend clearly with pattern geometry and was 
most significant for pore sizes of 5 Jlm. Although hot embossing can change pore 
geometry, this effect can be greatly reduced when working with pore sizes other than 5 
Jlm. 
Microfluidic device assembly and operation 
A bilayer microfluidic device was fabricated such that the topographically-patterned 
membrane formed a permeable barrier separating two channels. The finished device 
offered a cell culture platform with well controlled topographical geometry, porous 
architecture, and two channels that provided microscopic and fluidic access to both apical 
and basal sides of a cell monolayer. The thin nature of the device resulted in a short 
working distance to the cell layer for high-resolution imaging of cells on either side of the 
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membrane. A full device summary can be seen in , which shows the bilayer channel 
architecture with the patterned porous membrane integrated between the channels. For a 
model of kidney tissue such as the proximal tubule, this architecture allowed one 
chamber to model the tubular lumen, a membrane support to grow an epithelial 
reabsorptive barrier, and a second chamber to serve as the interstitial space and/or 
surrounding blood vessels. The result was a platform that allowed physiologically-
realistic arrangement of cells and stimuli with the capacity to study transport 
phenomenon across epithelial tissue. 
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Figure 12 The topographically-patterned membrane assembled into a microfluidic device. 
(A)The overall cross-sectional architecture of a device was formed by a glass cover slip 
and two PDMS cell culture chambers separated by the patterned porous membrane. (B) 
The completed device allowed high-resolution imaging of cell populations through one 
side of the device that accessed both sides of the porous membrane. An SEM cross 
section (C) of the device shows the porous nature of the membrane separating the top and 
bottom chambers, while insets (D) and (E) show close-ups of well-defined groove 
topography coexisting with the porous architecture. 
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Conclusion 
A kidney epithelial cell model, HK-2, cultured within the MTMD responded to both 
topography and FSS as demonstrated by nuclear alignment analysis and quantification of 
tight junction characteristics. Advanced image analysis software examined entire cell 
perimeters to construct a robust, accurate analysis of TJ formation in response to 
topography and FSS. Consideration of the entire cell perimeter led to observations of 
altered morphology, or zig-zag sections, around Z0-1 borders that were altered by FSS 
levels. Topography and FSS worked in concert to elicit an increased rate of alignment 
and enhanced TJ formation, with topography speeding cell response to FSS when 
compared to previous studies. Furthermore, cell response to FSS was enhanced on 
topographical substrates, indicating the synergistic influence of these two mechanical 
stimuli. Ultimately, the combination of the biomaterial surface property of topography 
and the fluid flow property of FSS resulted in the creation of a more physiologically-
representative in vitro model of kidney tissue. To further mimic the renal reabsorption 
barrier, we have developed a membrane with defined topographical patterns and distinct 
trans-membrane pores to model transport across a renal epithelial monolayer in vitro. A 
permeable membrane with independently-controlled sub-micron topography and isolated 
pores was fabricated using a hot-embossing process and integrated into a bilayer device. 
The hot-embossing process dwell time was controlled to limit its impact on pore 
geometry. The resulting platform provides a means to characterize transport across a 
renal cell monolayer while independently controlling mechanical signals to the cells. The 
model can support prevention of kidney disease by improving testing of kidney toxicity 
55 
while providing a controlled platform to study kidney cell biology, evaluate mechanisms 
for tissue engineering, and guide development of disease therapies. 
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CHAPTER 2: CHARACTERIZE KIDNEY -SPECIFIC FUNCTION OF RENAL 
TISSUE MODEL 
Reabsorptive barriers in vivo govern many physiological processes, and are formed by a 
single layer of polarized epithelial cells supported by a basement membrane (BM). 
Solutes and molecules cross the epithelial barrier by transcellular or paracellular 
pathways to the interstitial space and surrounding blood vessels, resulting in reabsorption 
of essential water and solutes108• 109 . Common examples of reabsorptive or absorptive 
barriers in the body include those of the respiratory, gastrointestinal, and urinary tracts58• 
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• Fluid and solute transport across these barriers make them particularly susceptible 
to injury by circulating toxins, pathogenic antibodies, or certain drugs6• 15. In vitro models 
of such barriers offer platforms to better understand the biology and function of 
reabsorptive barriers, interrogate underlying disease mechanisms affecting those barriers, 
and provide rapid screening of drugs for toxic effects to and excretion by organs 
containing those barriers. In particular, since the kidney is susceptible to drug toxicity 
and governs excretion of drugs, its renal epithelial structures provide valuable test cases 
for in vitro models of reabsorptive barriers. 
In chapter 2, we will develop metrics to quantify components of kidney-specific function 
in our microphysiological system. The metrics will quantify 1) mechanical control over 
cell morphology, 2) cell barrier function and 3) controlled kidney-specific transport. 
Mechanical control over our model tissue was demonstrated with user-defined 
physiological parameters that support the formation of a more realistic model of renal 
tissue, as shown in chapter 1. The first indication of kidney-like function is cell barrier 
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formation. To form a cellular barrier, cells must exhibit appropriate anchoring to the 
substrate, generate cell-cell junctions such as tight junctions, express the mechanosensory 
machinery, primary cilia, and physically occlude pores of the cell substrate. They must 
also demonstrate controlled permeability to water and larger biomolecules. The second 
indication of kidney-like function is controlled transepithelial transport. To form tissue 
that is capable of molecular transport, cells must exhibit appropriate transport machinery. 
They must also demonstrate controlled renal-specific transport of small ions, such as 
sodium. Here, we aim to show that mechanical control over cell response supports the 
formation of renal epithelial tissue with kidney-specific cell barrier function and 
transepithelial transport. 
Methods to characterize kidney-specific function 
Cell culture and device seeding 
Cells from the human renal proximal tubule epithelial cell line (HK-2) were cultured at 
37°C and 5% C02 with renal tubular epithelial medium (DMEM/F12 supplemented with 
0.5% FBS, 10ng/ml hEGF, 5 Jlg/ml insulin, 0.5 Jlg/ml hydrocortisone, 0.5 Jlg/ml 
epinephrine, 6.5 ng/ml Tri-idothyronine, 10 Jlg/ml transferrin, 100 U/ml penicillin, and 
100 Jlg/ml streptomycin). Media was renewed two to three times weekly and cells were 
passaged when they reached 80% confluence. Cells were seeded into the channel of our 
bilayer microfluidic device at 1-2e106 cells/ml and settled onto the membrane separating 
the two channels. The membrane surface contained sub-micron topography, the 
fabrication process of which was described in Chapter 1. Cells were grown to confluency 
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over 4 days and tested on the 5th day. Half the samples were exposed to FSS and half to 
static conditions before hydraulic permeability tests were conducted. 
Cell alignment 
Nuclear alignment was used as a metric for overall cell alignment to groove topography 
as used by other studies64' 81 • Alignment was quantified in cell populations cultured on 
stand-alone membranes with and without topography and on topographical membranes in 
a microtluidic device. Cells were fixed, labeled with the nuclei stain as described above, 
and imaged. The image processing software, Cel1Profiler95 , developed by the Broad 
Institute, Cambridge, MA, was used to analyze nuclear alignment with respect to 
topographical groove direction. Groups were compared for statistical significance using a 
one-way ANOV A test with a paired Tukey analysis. 
FSS application 
HK-2 complete media was withdrawn through the cell chamber of our device using a 
syringe pump at a rate of 100 ~J.IIhr to generate a FSS level of 0.385 dyne/cm2 over the 
surface of the cell population. The flow rate was calculated using T = 611Q2 , where 11 is the bh 
medium viscosity at 37°C (dynes/cm2), Q is the volumetric flow rate (cm3/s), b is the 
channel width and h is the channel height. The FSS was administered for two hours in an 
incubator set to 37°C and 5% C02. The media in devices which were not exposed to FSS 
were swapped with fresh media prior to experiments. 
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Hydraulic permeability 
Cell populations exposed to FSS and static conditions were placed under a constant 
hydrostatic pressure and the volumetric flow rate of fluid from the lumen chamber that 
exits through basolateral chamber was measured. Thus, the hydraulic permeability across 
the renal epithelial barrier was quantified. First, we established that there was a positive 
correlation between the hydrostatic pressure gradient and the output flow rate from the 
basolateral channel by applying a pressure gradient to a pre-treated device without a cell 
monolayer. Cell monolayers were cultured in the device as described in the previous 
section. A hydrostatic pressure gradient was generated across the monolayer of cells by 
connecting a column of fluid to the inlet of the cell channel. The height of this volume of 
fluid dictated the pressure governed by the following expression: p=pgh, assuming 
constant density and invariable gravity, where p is density of the fluid, g is gravitational 
acceleration and h is the height of fluid above the sample. The fluid in the column was 
preconditioned HK-2 complete media and the column was chosen to have a relatively 
wide radius such that any output of volume from the device would not decrease the 
height of the column significantly. All other outlets of the channels were plugged as the 
column was connected to the cell-channel inlet at a height of 1.5 inches. This corresponds 
to a pressure of 373 Pa. Next, the outlet of the non-cell channel was unplugged to collect 
fluid output. The volumetric output was measured over 30 minutes to calculate the rate of 
fluid crossing the cell monolayer and exiting the non-cell channel. This measurement was 
represented as volume per min per surface area of the membrane (ul/min*mm2). The 
pressure was kept constant for both FSS-treated and static cell conditions. Data was 
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collected from at least 3 devices under each condition and the experiment was repeated 
three times. 
Tissue layer permeability to large molecules 
Tissue layers exposed to 2 hours of FSS and control samples grown in static conditions 
were tested to characterize tissue layer permeability to large molecules. We injected a 
70kDa dextran solution with an initial concentration of 50!lg/ml into the lumen chamber, 
applied a hydrostatic pressure of at least 300 Pa between the chambers, and collected the 
volume output from the basolateral chamber. The amount of pressure was enough to 
convectively drive water movement across the barrier without damaging the cells. Over 
time, the basolateral volume was collected into microcentrifuge tubes and measured for 
fluorescent intensity. The ratio of the output concentration of dextran from the basolateral 
channel to the initial dextran concentration in the luminal channel is known as the sieving 
coefficient. To measure the dextran concentration, the fluorescent signal of the output 
volume was read using a fluorospectrometer. Data was then compared to a concentration 
standard curve that was generated prior to experiments to fit intensity values to known 
concentration values. Three readings were taken per sample and averaged. 
Fixing and staining 
Cell monolayers in bilayer devices were fixed and labeled for transport proteins using an 
immunofluorescent staining process. Samples were first rinsed with PBS then fixed with 
a solution of 3.7% Paraformaldehyde in PBS for 10 minutes. After and additional PBS 
rinse, samples were incubated in a permeabilizing solution of 1% Triton-X in PBS for 5 
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minutes. Samples were blocked with 1% FBS in PBS for 1-3 hours and incubated 
overnight with mouse monoclonal anti-Na/K ATPase primary antibody, diluted 1:100 in 
1% FBS, a rabbit polyclonal anti-NHE-3 diluted to 1:50, or mouse anti-AQP1, diluted 
1:50 in 1% FBS. The samples were then rinsed 3 times with PBS. The primary antibody 
was labeled with anti-mouse IgG conjugated to Alexa fluor 488 dye or an anti-rabbit 568 
dye both diluted 1:200 in 1% FBS. Nuclei were labeled with a Hoechst dye at 1:1000 
dilution in 1% FBS. Samples were again rinsed three times in PBS and rinsed three times 
with DI water. Devices were left in DI water or PBS and imaged directly. 
Nanosensor experiment and fluorescent analysis 
HK2 mono layers were cultured on the topographical surface of the membrane within the 
microfluidic device. Cells were grown to confluency before conducting the experiments. 
Sodium-sensitive nanosensors were used 11 2 to measure changes in sodium concentration. 
Nanosensors were injected into the basolateral (acellular) channel using a 50 Jll syringe 
and incubated for 5 minutes before gently flushing the nanosensor solution from the 
channel in order to maintain an isotonic environment on each side of the membrane. 
Images were taken before and after the flush to verify enough nanosensors remained 
stuck to the side walls and membrane after the flushing. A time lapse video captured one 
image every minute with an excitation wavelength of 587 nm and a collected at 610 nm. 
Ouabain was immediately introduced into the apical channel of the device and any 
change in the signal was acquired with the time lapse over 30-45 minutes. 
Two tests were run to serve as negative controls. First, a device without a cell monolayer 
was incubated with nanosensors and exposed to 100 nM of ouabain while a time lapse 
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was acquired. Second, a cell monolayer in the device incubated with nanosensors was not 
exposed to ouabain and a time lapse was collected. After each experiment, a stack of 
images was acquired and the average intensity over the channel area was graphed over 
time. Additionally, in some experiments ouabain was rinsed from the channel to measure 
a recovery of sodium transport if the Na!K ATPase pump function was restored. 
Mechanical control of cell response 
Cell alignment 
The microfluidic nature of the device and its topographically-patterned culture surfaces 
provides at least two ways to mechanically stimulate cells within the device. Surface 
topography stimulates a range of mechanical responses from cells, the most visible being 
changes in cell morphology and alignment. Ridge/groove topography, in particular, 
induces alignment ofthe cell body to the ridge/groove axis for many cell types 35, 65, 66, 113• 
Both HK-2 and primary renal PTCs respond to the membrane topography by aligning in 
the direction of the topographical grooves as shown in Figure 13. Outside the device, 
non-patterned (blank) membranes elicited a random alignment from the cells, indicated 
by an average of 11% of cells being aligned within 1 oo of the groove direction. Cellular 
alignment increased to 32% on membranes patterned with 1.0 Jlm groove topography. To 
further validate this response, HK-2 and RPTEC alignment was also measured on 
topographical membranes within the device. Figure 14 shows that alignment of both HK-
2 and RPTEC increased significantly from that observed in the control membranes, 
although the RPTEC alignment was significantly higher than the alignment seen in HK-2 
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cell populations within the device. Verification of cell alignment and the expression of 
epithelial cell markers observed in the RPTEC population indicated response of cells to a 
mechanical stimulus and the potential to create a kidney-like reabsorptive barrier tissue in 
vitro. Well-controlled ridge/groove topography signaled cell alignment in both HK-2 and 
RPTECs, forming a monolayer of aligned renal proximal tubule cells, demonstrating that 
the device not only sustained cell growth but also controlled cell alignment in a 
monolayer with mechanical cues. The highly organized cell monolayer lends itself well 
to receiving additional mechanical cues, such as FSS, to further encourage in vivo 
function in an in vitro microenvironment81 • 
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Figure 13 Renal epithelial cell nuclear alignment was quantified on topographically-
patterned membranes outside the device and on membranes integrated in the device. HK-
64 
2 cells showed random alignment when cultured on non-patterned (1) PC membranes 
outside of the device. Alignment increased to 32% within 10° of the gratings on 
topographically-patterned membranes (2). Membranes assembled into the device also 
elicited alignment of cells to the gratings, with 25% of HK-2s (3) and 34% of RPTECs 
(4) aligning to the gratings.* , p <0.05 compared to control samples, t , p< 0.05 compared 
to RPTECs. The images (top row) correspond to each bar of the graph; cell nuclei are 
labelled blue and tight junctions green. Scale bar: 50 11m. Arrows represent the direction 
of groove topography. 
T J expression under FSS 
We have shown that physiologic levels of FSS enhance renal cell TJ formation when 
cultured on topographically-patterned solid polystyrene substrates in Chapter 1. We have 
also demonstrated that the same surface topography on porous membranes exerts control 
over alignment of cells cultured on the membranes. Here, we looked at the formation of 
TJs under FSS of cells cultured in our model system. We found that under a FSS of 
around 0.38 dyne/cm2 for at least two hours, Z0-1 expression and border-uniformity was 
significantly higher than in cell populations cultured under static conditions. As the 
enhanced cell-cell junctions likely improved cell layer integrity, the FSS may impact 
proximal tubule quality and the resulting cell-regulated transport m our 
microphysiological model system. 
Establishing cell barrier function 
RPTEC tissue layers express renal-specific barrier function proteins 
Organized mono layers of renal epithelial tissue were evidenced by the existence of focal 
adhesions, TJ and cilia expression, and by increased cellular alignment. HK-2 cells and 
RPTECs proliferated from initial seeding to confluency within the device over 
approximately 4 days. A uniform initial seeding density and appropriate culture time 
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yielded complete confluency of both HK-2 and RPTECs over the microfluidic device 
channel area of 1.25 mm2, seen respectively in the bright field composites in Figure 14A 
and B. HK-2 and RPTEC monolayers expressed paxillin, a typical epithelial marker of 
focal adhesions, Z0-1 tight junction complexes, and acetylated tubulin, an indicator of 
primary cilia and cytoplasmic microtubules, also shown in . Paxillin expression in HK-2 
samples signified focal adhesions that were less discrete with a weaker signal than 
RPTEC samples. Both HK-2s and RPTECs expressed Z0-1 in fairly distinct borders 
outlining the perimeter of cells as observed in 2D, indicating initial formation of a tight-
junction-based sealed epithelial barrier. Acetylated tubulin morphology differed between 
the HK-2s and RPTECs. The HK-2s showed somewhat distributed cytoplasmic 
microtubules, but distinct primary cilia were not expressed on the apical surface. The 
RPTECs expressed acetylated tubulin in cytoplasmic microtubules and also as a single 
punctuate spot on the apical surface of each cell, indicating formation of a primary cilia 
as seen in vitro61 • 114• 115• For both cell types, SEM images (Figure 14F) showed the pores 
of the membrane fully covered and occluded by the confluent monolayer. 
Formation of the tissue layer within the channel allowed interrogation of the layer for 
permeability, a requisite for a reabsorptive barrier. As the layer was confluent, fluidic or 
electrical access to any point on the microchannel enabled experiments, which directly 
measure transport, to quantify kidney-like properties, including reabsorption. Formation 
of Z0-1 junctions indicated progress of the cells towards an epithelial barrier capable of 
active transport. Some inconsistency ofthe Z0-1 delineated borders still existed, as did 
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Figure 14 Cells proliferated, maintained a monolayer, and expressed markers of a 
reabsorptive epithelial barrier on a topographically-patterned membrane within a 
microfluidic device. (A) and (B) HK-2 cells and RPTECs, respectively, were seeded into 
the top channel of a bilayer microfluidic device and grew to a confluent monolayer on the 
topographically-patterned membrane 1.25 mm2; 1 Ox magnification, scale bar: 200 11m. 
Insets (C) and (D) show a closer view of the cobble-stone appearance of a confluent 
monolayer within the channel. Bright spots are pores. Ridge/groove topography runs 
parallel to the channel. Each cell type expressed paxillin as a marker of focal adhesions 
(A, B) (i), Z0-1 tight junctions (A, B) (ii), and acetylated tubulin indicating cytoplasmic 
microtubules and primary cilia (A, B) (iii), Nuclei are labelled blue. (E) Isolated 
transmembrane pores were fully occluded by an HK-2 monolayer, shown by SEM, as 
compared to (F) an aceJlular membrane. Pore size: 8 11m. 
some diffuse presence of Z0-1 within the cell body, indicating the cell layer has further 
potential for enhanced tight junctions. Conditioning of the cells through mechanical 
stimuli, will likely improve the junctions56' 81. The HK-2 cells formed a more mature 
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monolayer than the RPTECs due to a longer culture time, causing paxillin expression to 
be less distinct in HK-2 monolayers. The lack of primary cilia in HK-2 cells was not 
abnormal. Primary cilia may not be fully expressed in HK-2 populations if their 
formation was not enhanced by serum starvation or FSS 116 • Cytoplasmic tubulin was 
more diffuse for HK-2 cells compared with RPTEC, with signs of a microtubule-
organizing center that may nucleate cilia development116• The presence of primary cilia in 
the RPTECs indicated the cells will likely be responsive to mechanical stimuli, such as 
FSS, as the cilia can serve to transduce mechanical signals to chemical activity57' 117' 11 8• 
Continuous flow in the device will mimic the filtrate flow seen by PTCs in vivo. Finally, 
as shown by the SEMs, the cells block the pores of the membrane, which indicated 
transport across the membrane-cell layer construct was limited to transcellular transport if 
paracellular transport was limited through tight junction and other cell-cell junction 
formation. With the ability to stimulate cells mechanically, interrogate them via 
microscopy and electrical and fluidic means, and support growth of an epithelial layer 
expressing indications of a mechanically-responsive reabsorptive barrier, our 
microphysiological system allows experiments quantifying kidney-like barrier function. 
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Dextran permeability is a sensitive test of tissue layer formation 
The expression of focal adhesions, TJ s 
and primary cilia are some indications 
that the in vitro renal tissue layer was 
capable of forming a cell barrier. To 
further establish the existence of a cell 
barrier that will support kidney-like 
function, we experimentally tested the 
permeability of the monolayer to large 
molecules. It was found that without the 
application of FSS to the monolayer, 
100% of the initial 50 ug/ml of 70 kDa 
dextran concentration crossed the cell 
barrier. After 30 minutes of applying the 
hydrostatic pressure gradient, the output 
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Figure 15 Permeability tests using 70kDa 
dextran were a sensitive test to tissue layer 
permeability. HK2 tissue layers exposed to 
2 hours of 0.385 dyne/cm2 of FSS 
decreased permeability to dextran by 42%. 
Although 70kDa dextran does not pass 
through confluent tissue, some may pass 
through small imperfections in the tissue 
layer leading to a non-zero concentration 
of dextran in the basolateral channel. 
Overall, there is a positive trend between 
less permeable (more physiological) tissue 
layer and application of FSS. *, P = 0.008 
compared to static conditions. 
concentration of static samples was read to be the same as the input concentration to the 
luminal channel. Monolayers treated with 2 hours of FSS, however, yielded a lower 
concentration of dextran in the basolateral chamber after 30 minutes of hydrostatic 
pressure, as seen in Figure 15. On average, this amount was 42% lower than the initial 
concentration of dextran introduced to the cell channel. In other words, the sieving 
coefficient in FSS-treated tissue layers was 57.8% compared to 94.4% in static samples. 
The measured concentration is an average of the fluorescent volume collected over 30 
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minutes. Data shows a higher consistency of dextran impermeability in static samples, 
indicated by a relatively low standard deviation between average concentrations per 
sample. The permeability demonstrated by tissue layers treated with FSS is more variable 
indicated by a larger error bar. Overall, there is a positive correlation between Jess 
permeable tissue layers and the application ofFSS. 
Dextrans are high molecular weight hydrophilic polysaccharides that are used in a wide 
range of in vitro and in vivo cell studies due to their biological inertness and low toxicity. 
They can range from 3,000 Da to 2,000,000 Da in size and can be conjugated to a variety 
of fluorophores, which make them an ideal candidate molecule to probe the permeability 
of our renal cell barrier. 70kDa dextrans were chosen because they are similar to the size 
of albumin, which is neither highly reabsorbed nor highly paracellularly transported by 
healthy renal proximal tubule tissue. The bilayer architecture of our model system 
allowed us to perfuse a solution of fluorescent dextran into the lumen chamber and 
collect from the basolateral chamber to test for the presence of dextran. The lower sieving 
coefficient in FSS-treated tissue layers represents a layer that is more impermeable to 
70kDa molecules and is therefore moving towards a more physiologically-accurate tissue 
model. Although well-developed TJs, initiated by FSS, reduced the concentration of 
dextran found in the basolateral channel, a fraction of dextran concentration was still 
transported paracelullarly through the tissue layer. Since the final concentration of 
dextran in the basolateral channel is a collectedaverage over 30 minutes, it is possible that 
in FSS-treated tissue layers, dextran either passed through the membrane at a lower rate 
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compared to static tissue layers, or the FSS-treated tissue was not impermeable to the 
dextran solution for the entire 30 minutes. 
The dextran permeability test has proven to be a very sensitive metric to tissue layer 
quality. Although 70kDa dextran does not pass through confluent tissue, some may pass 
through small imperfections in the monolayer leading to a non-zero concentration of 
dextran in the basolateral channel. The larger error bar associated with the permeability 
of FSS-treated tissue layers is a result of higher variability of tissue layers exposed to 
FSS. The variability stems from a higher risk of tissue-damaging effects from increased 
handling, induced pressures and the potential of air bubbles associated with FSS 
administration. Alternative to large molecule permeability, water permeability across the 
monolayer will be a good indication of monolayer quality. Although the cell barrier 
response to dextran gave us information on the state of the monolayer, it will not be 
indicative of more sensitive kidney-like function such as water and small ion 
reabsorption. 
Hydraulic permeability 
In a healthy human, 2 million nephrons reabsorb close to 178 L of water every day. The 
proximal tubule is responsible for about 65% of this volume. The glomerular filtration 
rate of both kidney averages 125 ml/min, or 0.06 111 of filtrate enters each proximal tubule 
every minute. Our microphysiological system models one human proximal tubule with 
the potential of reabsorbing a controlled, physiologically-accurate amount of water in 
vitro. To test that the model has controlled and consistent water-reabsorptive function, we 
tested its hydraulic permeability under physiological conditions of FSS. When compared 
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to cell monolayers under static conditions, we gained insight on how the hydraulic 
permeability responds to controlled physiological parameters. In vivo, the reabsorption of 
sodium drives the transport of many other ions and molecules across the barrier, 
including water. In vitro, this ability of controlled water transport was measured by 
applying a hydrostatic pressure across the monolayer. Now, water and solutes were not 
only driven by diffusive forces and cell transport, but by convective forces. Under a 
constant pressure, the volume output was measured and evaluated as an indication of 
monolayer permeability. 
HK-2 tissue layers treated with FSS are less permeable to water than tissue layers under 
static conditions. Figure 16 illustrates the difference in TJ expression between cells 
cultured under static conditions (A) and cell monolayers exposed to FSS (B). C graphs 
the rate of fluid that crosses the tissue layer under FSS and static conditions. Cell 
monolayers not exposed to FSS allowed an average of 9.08 jll/min to pass through the 
membrane and exit the basolateral channel. Cell monolayers exposed to 0.385 dynes/cm2 
of FSS for 2 hours allowed an average of 0.8 Jll/min to cross the tissue layer. The 
hydraulic permeability test indicates that under FSS, renal proximal tubule epithelial 
tissue layers behave closer to a physiological reabsorptive barrier with controlled water 
transport. 
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Well-developed T J s in a tissue layer control transport of fluid and so lutes across the 
tissue layer. FSS-treated tissue layers express distinct TJs with consistent expression 
along borders of cells. In comparison, under static conditions, TJs appear punctuate and 
less-developed around cell borders. A developed renal tissue layer with mature TJs will 
strongly regulate the passing of molecules and ions compared to an incomplete tissue 
layer with immature TJs. Under physiological levels of FSS, the effective permeability of 
the monolayer to water decreased. Since this system is driven by a transmembrane 
pressure, the amount of water transported across the monolayer is a good indication of 
the cell barrier function as well as its ability to control water reabsorption in vitro. 
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Figure 16 HK2 tissue layers become less permeable when exposed to FSS. Tissue layers 
that have been confluent for 24 hours and left in static conditions express tight junctions 
(A) that are punctate around the borders of the cells. Tissue layers exposed to 2 hours of 
FSS show an enhancement in TJ formation with less variance in intensity around the cell 
borders. Under 373 Pa of hydrostatic pressure applied to the cell channel, monolayers 
exposed to FSS had more than 11 x reduction in hydraulic permeability compared to 
tissue layers left in static conditions. * p<0.05 compared to static samples. 
Establishment of renal-specific transport function 
In the renal proximal tubule, transepithelial transport involves separate entry and exit 
routes at the luminal and basolateral surfaces of renal PTCs. Special protein transporters 
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on these surfaces allow active and passive transport of molecules across the cell barrier. 
The reabsorption of most substances, including water, is related to the transport of Na +. 
This can happen either directly, by sharing a transporter with glucose or H+, for example, 
or indirectly, via solvent drag. To establish kidney-like transport function of our cell 
barrier, we first confirmed the presence of transporter proteins in both HK.-2 and RPTEC 
populations cultured in our microphysiological system. To validate the presence of 
reabsorptive function, we used fluorescent sodium nanosensors to observe the 
reabsorption ofNa +under physiological conditions of surface topography and FSS. 
Transport proteins are expressed in RPTEC in vitro 
Renal-specific transport proteins that are responsible for sodium reabsorption, and thus 
consequent water reabsorption, in the renal proximal tubule are the Na+/K+ ATPase 
pump, the Na+/W antiporter, and the Na+/glucose cotransporter. The basolateral Na+/ K+ 
ATPase pump is responsible for actively pumping Na + against its concentration gradient 
to keep a low intracellular Na + concentration. The low intracellular Na + concentration 
creates an apical electrochemical potential difference that drives the Na + from the lumen 
into the cell via the Na +;H+ anti porter and Na +/glucose cotransporter in the apical 
membrane. In addition to Na+ transporters, water channels called aquaporin-1 exist in the 
apical and basolateral cell membranes and allow a high volume of water to quickly pass 
through the cells. The abundance of transporters in the proximal tubule demonstrates the 
complexity of controlled transport necessary for physiological reabsorption to occur in an 
in vitro model or proximal tubule tissue. 
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The expression of sodium and water transporter proteins in vitro are shown in and 
indicate that the tissue model may support kidney-like transport of water, Na+, and 
glucose. Figure 17 A shows a schematic illustrating the location of main transporters in 
the proximal tubule. Na+/K+ ATPase (B), NHE-3 (C) and AQP-1 (D) transport proteins 
are expressed in RPTEC tissue layers cultured on topographical membranes within the 
bilayer microfluidic device. 
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Figure 17 RPTEC tissue layers expressed renal-specific transport proteins in vitro. (A) A 
schematic showing major transport proteins in the renal proximal tubule. The Na/K-
A TPase pump is located on the basolateral surface of the cell and controls the apical flux 
of sodium through the sodium/hydrogen symport channel. Water follows sodium through 
AQP1 water channels. (B-D) RPTEC tissue grown in the bilayer device express Na/K 
ATPase pumps in green (B), NHE-3 proteins in red (C), and AQP-1 water channels in 
green (D). The expression of these proteins indicates a tissue layer with kidney-specific 
functional transport capability. 
Proximal tubule tissue reabsorption of ions 
RPTEC will spontaneously reabsorb Na +from the lumen to the interstitial space due to 
the (Na +, Kl-ATPase pump keeping a low intracellular Na +concentration. To establish 
transport function in our model system we actively monitored the reabsorption of ions, 
specifically Na+, across the monolayer. Sodium sensitive fluorescent dyes and fluorescent 
indicators for Na+ provide a fluorescent-based method for assaying Na+ transporter 
activity. As Na +ion reabsorption is related to most other transepithelial transport, it is an 
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important kidney-like function to establish in our in vitro tissue model. 
Ouabain is a cardiac glycoside small molecule drug, commonly prescribed to patients 
with heart failure, with a mechanism of action to bind and inhibit the plasma membrane 
Na+/ K+ ATPase pump. The importance ofthis pump in the renal proximal tubule is to 
maintain the low intracellular Na +concentration that drives sodium reabsorption across 
the tubular monolayer. We expect that inhibiting the Na+/ K+ ATPase pump, by infusing a 
concentrated solution of ouabain in the basolateral chamber, will result in a significant 
retention ofNa +in the luminal chamber. Additionally, we expect the lack ofNa + 
reabsorption will result in a significant retention of water in our model system. Exposing 
kidney cell monolayers to ouabain and measuring changes in basolateral sodium 
concentration is a good metric of functional transport as ouabain will only have a 
noticeable effect if the transporters are initially functional. 
Ouabain affects sodium transport in renal proximal tubule model 
The introduction of ouabain to the HK2 monolayer resulted in an increase in signal from 
the nanosensors located in the basolateral chamber, or in other words, a decrease in 
sodium concentration as expected. The signal increase happened within minutes and 
peaked around 35 minutes after ouabain was introduced. Devices without a monolayer of 
cells cultured within the channel did not exhibit any change in fluorescence from the 
nanosensors in the basolateral channel after exposure to lOOnM of ouabain. Similarly, 
nanosensors in the basolateral channel of a device with a monolayer of cells but not 
exposed to ouabain, did not exhibit any change in fluorescent intensity after exposure to 
100 nM of ouabain. The graph in Figure 18 illustrates the negative control values over 
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time (white circles and black triangles) as well as the increase of nanosensor intensity in 
black circles. Figure 18 A and B show the change in nanosensor fluorescence at time = 1 
minute when ouabain was initially introduced to the channel (A) and at time 45 minutes, 
when the signal is close to its peak intensity (B) . In one sample, the ouabain was rinsed 
out of the channel and sodium concentration was seen to increase as observed through a 
decrease in nanosensor fluorescence (data not shown). 
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Figure 18 Sodium transport in HK2 tissue layers was inhibited after exposure to 1 OOnM 
of ouabain. Sodium-sensitive fluorescent nanosensors (NS) increase in intensity at 
wavelength 680 nm as sodium concentration decreases. Cells were cultured to confluency 
on the membrane surface and nanosensors were injected into the basolateral channel. 
Ouabain was then introduced apically and a time lapse was acquired at a rate of one 
image per minute for 45 minutes. The channels were excited at a maximum wavelength 
of 587 nm and collected at 610 nm. (A) At time t=O minutes, ouabain has just been 
introduced into the channel and a baseline of sodium concentration is expressed by the 
nanosensors in the basolateral channel. (B) 45 minutes after ouabain was first injected 
into the channel, sodium concentration has reduced leading to a higher signal expressed 
by the nanosensors. The fluorescent signal from nanosensors increased, seen in the graph 
(dark circles) after the HK-2 cell monolayer was exposed to ouabain, indicating a 
decrease in the sodium concentration. The increase happens immediately and peaks at 35 
minutes. Devices without cells and devices where no ouabain was added served as 
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negative controls. In each case, signal from the nanosensors stayed relatively constant 
over 45 minutes 
The fluorescent nanosensors are made out of three main components: plasticized 
polymeric particles, sodium ionophores, which bind to Na+, and pH-sensitive 
chromoionophores, which change intensity upon release of protons. As sodium is 
extracted into the sensor, the pH chromoionophore deprotonates to maintain charge 
neutrality which results in a decrease of intensity at 680 nm 112. Thus, the fluorescent 
intensity decreases with increasing sodium concentration. The effect of ouabain on the 
HK-2 tissue layer indicated that prior to ouabain exposure cells were actively transporting 
sodium from the epithelial channel and into the basolateral compartment. The inhibition 
and further recovery of the Na + IK+ A TPase pump is validation that our tissue model is 
functioning with physiological accuracy. This is significant for in vitro studies because 
sodium is the main driver of reabsorption in the proximal tubule and is a good indicator 
of ion transport in healthy models, or damaged transport function in disease models. 
Our negative controls strengthen our conclusions that the change of nanosensors resulted 
from ouabain acting on the Na+/K+ ATPase pump and inhibiting Na+ transport into the 
basolateral chamber. Nanosensor response was unchanged when cells were not present, 
as well as when ouabain was omitted from the system, allowing the conclusion that 
factors, such as unknown sodium gradients or pH changes, are not inducing increases in 
nanosensor fluorescence signal. Changes in the Na + are most likely subcellular and 
localized, but due to the NS sticking to the membrane surface and a strong fluorescent 
signal, a 20x magnification objective was used to provide adequate precision of Na + 
concentration change. Although the maximum excitation peak of the NS is 680 nm, we 
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used the mcherry filter sets when imaging Na + transport. The mcherry excitation peak of 
587 nm overlaps the maximum excitation peak of 630 nm of the nanosensor sand elicits 
enough of an emission signal to collect at 610 nm. Although the emitted signal was 
adequate for our studies, the concentration of the nanosensors may be reduced with an 
improved signal by using afar red filter set more precisely designed for the nanosensor 
emission wavelength. 
Conclusion 
We have developed metrics to quantify components of kidney-specific barrier and 
transport function in our renal tissue model. HK-2 cells and primary RPTECs were 
grown to confluent tissue layers within the device, and expressed markers for 
differentiated epithelia indicative of a reabsorptive renal epithelial barrier responsive to 
mechanical stimuli. Cells aligned to the topographic ridge and groove patterns, indicating 
the ability of the patterned membrane to mechanically stimulate cell function. The 
resulting platform provided a means to characterize transport across a renal cell tissue 
layer while independently controlling mechanical signals to the cells. Both surface 
topography and FSS were used to mimic the mechanical stimuli renal epithelia receive in 
vivo, while fluidic access allowed application of chemical stimuli and perfusion of 
nutrients. Independent access to both sides of the membrane allowed direct interrogation 
of active and passive trans-barrier transport, consequently enabling quantification of the 
reabsorptive function of the barrier. Adjustment of the parameters drove the renal 
epithelia towards a more physiologically-accurate function, providing a means to create 
realistic tissue with organ-specific reabsorptive properties. Tissue layer permeability to 
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large molecules and water decreased under the presence of FSS . Sodium reabsorption 
was monitored using fluorescent sodium-sensitive nanosensors and was shown to be 
influenced by the inhibition of the Na +;K+ ATPase pump. Extension of the experimental 
system can mimic a wide range of reabsorptive barriers in the body, thus providing a 
model to study disease states that affect transportation barriers, screen drugs for toxicity 
and excretion, and provide a pathway towards a realistic construct of therapeutic tissue 
with organ-specific function. 
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CHAPTER 3: MOVING TO ORGAN-TYPE FUNCTION: EPITHELIAL AND 
VASCULAR COCULTURE MODEL OF RENAL REABSORPTIVE BARRIER 
In the kidney, reabsorption occurs in the proximal tubule as solutes and water are actively 
and passively transported from the tubule lumen to the blood stream. The reabsorption 
barrier architecture is found not only at the proximal tubule and along the renal nephron, 
but at the initial renal filtration site in the glomerulus as well as other parts of the body 
such as the intestinal epithelium and the alveolar-capillary interface in the lungs. The 
common architecture of reabsorptive barriers commonly consists of epithelial and 
vascular cell types, their respective basement membranes and in some cases, interstitial 
space. Cell-cell and tissue-tissue communication may play an important role in the 
structure formation and functional characteristics of reabsorptive barriers in the body. 
Since the reabsorption of fluids and solutes in the kidney constitutes transport through a 
multi-phenotype tissue which includes epithelial and vascular/endothelial components, 
models of reabsorptive barriers, such as the proximal tubule, should provide both 
phenotypic components to more fully replicate the physiological barrier architecture. 
It is well known that heterotypic cell-cell communication present in coculture 
environments is responsible for influencing cellular functions, including proliferation 119' 
120
, differentiation 121 ' 122, and tissue structure formation 123-125 123' 126• In vitro models of co-
culture systems are commonly built in Transwell culture plates in which two cell types 
are separated by a 10 !1m-thick permeable membrane and a 1 mm space in a static 
environment. Alternatively, cells can be cultured on both sides of the Transwell insert 
membrane to establish a close-contact orientation of the two cell types. This orientation 
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provides a more realistic architecture, but the Transwell environment does not allow for 
physiological cues of surface topography and flow-induced shear stress (FSS) that are 
common in in vivo environments such as the kidney. Similar environments have been 
created to model the glomerular capillary, that mimics the barrier architecture127 and to 
demonstrate protein permeability in vitro128. Groups have also investigated the influence 
of microvascular endothelial cells on proximal tubular epithelial cells 129, which showed 
altered ECM expression and transport genes in RPTEC under coculture conditions. 
Epithelial and endothelial tissue layers in a physiological orientation with access to 
controlled levels of FSS, surface topography and tissue-probing metrics will present a 
platform model to study barrier and transport function in vitro. 
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Figure 19 The coculture model of the reabsorptive barrier mimics the in vivo architecture 
of the renal proximal tubule. (A) In vivo, solutes and water are reabsorbed from the 
tubular lumen into the surrounding microvasculature. The interstitial space extends 
between tubules and capillaries and is comprised of fibroblasts and ECM proteins. (B) 
The in vitro concept describes two tissue types oriented in a physiologic reabsorptive 
barrier architecture. The two tissue layers will be separated by a semipermeable 
membrane to allow communication and transport between each tissue layer. (C) The 
model concept is realized by culturing microvascular endothelial tissue in coculture and 
in close contact with RPTEC tissue. The bilayer microfluidic device environment allows 
the study of transport phenomena across the reabsorptive barrier model. A confocal 
reconstruction of the co culture model is shown in the device schematic. RPTEC tissue 
expressed TJs, labeled in green and the hMVEC tissue expressed Von Willebrand Factor, 
labeled red. 
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In this chapter we demonstrate a coculture condition of human renal proximal tubule 
epithelial cells (RPTEC) and human microvascular endothelial cells (hMVEC) separated 
by a permeable membrane in a microfluidic device. This coculture condition, modeled in 
Figure 20 allows a physiologically-realistic orientation of tissue architecture to mimic the 
renal reabsorption barrier. RPTEC tissue layers were found to have enhanced tissue layer 
formation and extended viability in coculture conditions compared to a single culture of 
RPTEC. RPTEC tissue layers also express transport proteins and demonstrate 
reabsorptive function in the form of glucose uptake and sodium transport. The addition 
of endothelial cells not only influences overall longevity of the RPTEC tissue layer, but 
adds a physiological component to model the renal reabsorptive barrier in vitro. Models 
of reabsorption barriers, especially those at the early part of the nephron, provide 
platforms to study the response of tissue to external stimuli to better understand tissue 
structure development, transport mechanisms and injury due to toxins. Figure 19 
illustrates how the concept of our in vitro coculture model of the renal reabsorptive 
barrier mimics the in vivo architecture of the proximal tubule and how the concept is 
realized in our platform. 
Coculture conditions and methods 
To support the proliferation and sustainment of two cell types in one culture system, it is 
important to establish a protocol of seeding order, media type and timing of culture 
maintenance. We have established a procedure that results in RPTEC and hMVEC 
proliferation and tissue layer formation in a bilayer microfluidic device, developed 
previously130. Metrics described in Chapter 2 were used to show physiologically-accurate 
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tissue architecture, quantify the influence of coculture conditions on RPTEC monolayer 
formation and observe renal-specific transport function in our reabsorptive barrier model. 
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Figure 20(A) Empty bilayer microfluidic devices 
were seeded with renal proximal tubule epithelial 
cells (RPTEC) and human microvascular endothelial 
cells (hMVEC) to model the renal reabsorptive 
barrier. (B) First, the hMVEC were injected into one 
of the channels using a micropipette, (C) the cells 
were left to settle, adhere to the membrane and 
proliferate for 3 days submerged in a well of hMVEC 
complete media. (E)RPTEC cells were then injected 
into the opposite channel using a micropipette. The 
device was turned upside down so the cells settle to 
the membrane. After 3 hours, the device was turned 
right side up and submerged in RPTEC media for 24 
hours. (F)Media was switched to hMVEC-complete 
for the remainder of culture time while the cells 
proliferate to confluency. (G) A confocal z-stack 
showed RPTEC labeled green and hMVEC labeled 
red in a close-contact coculture orientation. 
Cell subculture and maintenance 
Normal-human dermal microvascular endothelial cells (hMVEC) (Lonza, CC-2543) were 
passaged twice prior to seeding them in the device. Cells were maintained in hMVEC-
complete media (growth media and supplements, Lonza, CC-3162) containing 
supplements of human epithelial growth factor (hEGF), hydrocortisone, 5% FBS, VEGF, 
hFGF-B, R3-IGF-1, ascorbic acid and GA-1000 (gentamycin, Amphotericin-B). Human 
renal proximal epithelial cells (RPTEC, ScienCell) were passaged once prior to seeding 
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them in the device. RPTEC were maintained in RPTEC complete media, a DMEM-F12 
base supplemented with 0.5% FBS, 1 Ong/ml hEGF, 5 J.Lg/ml insulin, 0.5 J.Lg/ml 
hydrocmtisone, 0.5 J.Lg/ml epinephrine, 6.5 ng/ml Tri-idothyronine, 10 J.Lglml transferrin, 
100 U/ml penicillin, and 100 J.Lg/ml streptomycin. Media was changed every other day 
until passage or seeding. Cells were stored at 5% C02 and at 3TC. 
Culturing cells in the device 
Bilayer microfluidic devices were chosen such that the topography on the membrane 
served as the cell culture surface in the epithelial channel. Devices were plasma treated 
using an oxygen plasma asher to render the channels hydrophilic and sterilized in 70% 
ethanol for 30 minutes. Channels were thoroughly rinsed in a phosphate buffered saline 
(PBS) and then incubated with a 60 ug/ml collagen type IV (from human placenta, 
Sigma-Aldrich, C-5533) solution for 2 hours at room temperature. The devices were 
again thoroughly rinsed in PBS before being prepped for hMVEC seeding. 
hMVEC seeding in the device 
Devices were placed in 6 well culture dishes, the channels were perfused with hMVEC-
complete media and placed in the 5% C02 and 3 7°C to pretreat the device to cell growth 
conditions. The channels not designated for endothelial cell culture were blocked using 
PDMS plugs 1.5 mm in diameter. hMVEC were removed from the culture flask using 
0.05% trypsin-EDT A and concentrated to a cell suspension solution of 2*106 cells/mi. 
Approximately 50 J.!l of cell suspension solution was gently injected into the vascular 
channel of the device manually with a micropipette. Channels were checked under a 1 Ox 
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magnification to verify a uniform density of cells and left in static conditions for 3 hours 
while cells settled and spread on the culture surface. After 3 hours, the culture wells were 
backfilled with hMVEC-complete media, the PDMS plugs were removed, and all device 
channels were gently perfused by withdrawing 150 I-ll of media through the channel using 
a micropipette. This half of the seeding protocol can be seen in Figure 20A-C. The 
devices were stored at 5% C02 and 3rC. Channels were gently perfused by withdrawing 
150 ul of media once a day and the bulk media was swapped every other day until 
hMVEC proliferated to confluency, usually within 3 days. 
RPTEC seeding in the device 
The input and output ports of the vascular channels were blocked with PDMS plugs to 
prevent RPTEC from entering the vascular channel. hMVEC media was aspirated from 
the wells in preparation of RPTEC seeding. PR TECs were removed from their culture 
flask using 0.25% trypsin-EDTA (Invitrogen, 25200-056) and concentrated to a cell 
suspension solution of 2* 106 cells/ml in RPTEC-complete media. Approximately 50 I-ll of 
cell suspension solution was gently injected into the epithelial channel of each device. In 
order for cells to settle on to the topographically-patterned membrane, the device was 
flipped upside down immediately after seeding the cells and left in static conditions for 3 
hours. Once the RPTEC adhered and spread on the topographical membrane, devices 
were turned right side up and the wells were back filled with RPTEC-complete media. 
The PDMS plugs were removed and channels were gently purged by withdrawing 150 I-ll 
of media using a micropipette. After 24 hours, the bulk media was changed to hMVEC 
media to support the maintenance of hMVEC cells. This half of the seeding protocol can 
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be seen in Figure 20D-F. RTPECs continued to grow on the membrane in hMVEC 
complete media over several days. The channels were gently purged once a day and bulk 
media was swapped every other day. Experiments were generally run on the 5th day of 
RPTEC culture such that monolayers were confluent for over 24 hours. 
Immunofluorescent labeling 
Both RPTEC and hMVEC were fluorescently labeled to look at specific markers for 
differentiated epithelia, endothelium, and transport proteins. First, cells in devices were 
rinsed gently with PBS. For each rinsing, fixing and labeling step, 100-150 ul of the 
solution was pi petted on top of the device to form a bubble on the surface. A micropipette 
was used to gently withdraw the solution through the channels several times. Cells were 
fixed with a 3. 7% paraformaldehyde solution for 10 minutes at room temperature. 
Channels were rinsed with PBS 3 times and permeabilized with a 0.1% triton-x solution 
for 5 minutes at room temperature. Channels were again rinsed 3 times with PBS and 
blocked with a 1% solution of FBS for 3 hours. Primary antibodies were mixed at the 
appropriate concentration in a 1% FBS solution. A mouse anti-ZO 1 (BD biosciences, 
610967) and a rabbit anti-Von Willebrand Factor (vWF) (Abeam, ab9378) were used to 
label epithelial cells and endothelial cells, respectively. Primary antibodies used to label 
transporter proteins included a rabbit polyclonal anti-AQP (Abeam, ab15080), a mouse 
anti- Na+/K+ ATPase pump (Santa Cruz Biotechnlogy, sc-48345), mouse monoclonal 
anti-NHE3 (Abeam, ab72729), and a rabbit polyclonal anti-SGLT2 transporter (Abeam, 
ab37296). All primary antibodies were incubated in the device overnight at 4°C. All 
channels were rinsed 3 times with PBS. Secondary antibodies were also mixed in a 1% 
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FBS solution with a 1:1000 dilution of Hoechst. Donkey anti-mouse IgG (AF 488) and 
anti-rabbit IgG (AF 568) secondary antibodies were incubated in the channels for 1 hour 
at room temperature. A final rinsing step was done with PBS 3 times before samples were 
ready to image. 
Quantification of tissue layer formation 
The degree of monolayer formation was measured in two ways. One was to compare the 
number of RPTEC per square mm of cell culture area between coculture and non-
coculture conditions. Cells were counted using the cell analysis software, CellProfiler. A 
pipeline was written so the cell images with nuclei labeled with Hoechst were inverted, 
masked and the background smoothed such that each nuclei could be identified and 
counted in a high throughput, objective manner. To corroborate this data, a viability assay 
using water soluble tetrazolium salts (WST-1, Millipore, catalog no. 2210) was 
conducted for each cell culture condition 24 hours after seeding cells in the device. 
Enzymes present in the mitochondria of the cells are capable of breaking down the 
tetrazolium salt to a water-soluble formazan dye. As overall cell activity is increased, the 
concentration of formazan dye increases and can be quantified using a multiwall 
spectrophotometer. A 1:10 dilution of the tetrazolium salt solution was made in culture 
medium and was incubated in the device channels for 30 minutes. 100 111 of the 125 111 
total volume was collected into a 96 well plate and absorbance of the sample volume was 
measured at 440 nm with a reference wavelength over 600 nm. The amount of 
fluorescence was an indication of the number of viable cells present in the cell culture 
area tested. The WST -1 assay for each condition was run using the same type of culture 
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medium (hMVEC-complete) so as not to affect the final absorbance reading. Background 
absorbance was subtracted to get final absorbance reading, which was normalized to 
average cell count per square mm. 
Glucose analogue uptake 
The presence of the SGL T2 transporter in our RPTEC cultures was tested by labeling 
with a SGLT -2 antibody (Abeam, 1 :50, ab3 7296). The antibody was tested for specificity 
by also labeling hMVEC cultures with the antibody as a negative control, which are 
known not to express the SGLT2 transporter. The fluorescent glucose analog, 2-NBDG 
(2-(N-(7 -nitrobenz-2-oxa-1 ,3-diazol-4-yl)amino )-2-deoxyglucose) mimics glucose uptake 
in vitro and is tagged with a fluorescent derivative that emits at 540 nm when excited at 
465 nm 131 . Glucose uptake is facilitated through the SGLT2 transporter and is apparent as 
the cell body fluoresces compared to background signal. Glucose uptake can be inhibited 
by blocking the function of the SGLT2 transporter, either by antibodies that bind to the 
active site of the protein or secondarily by blocking sodium transport, as glucose cannot 
be transported without a sodium ion. 
Sodium reabsorption 
Similar to the single RPTEC cultures in the bilayer device, fluorescent sodium 
nanosensors were used to measure sodium reabsorption in our coculture model. RPTEC 
and hMVEC mono layers were grown to confluency on either side of the membrane and 
nanosensors were incubated in the vascular channel for 5 minutes. Images were taken to 
get a baseline reading of the nanosensors fluorescence. A 300 nM ouabain solution was 
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then gently perfused through the vascular channel, flushing some of the nanosensors from 
the channel, while acting on the basolateral Na+/K+ ATPase pump. Under static 
conditions, a time lapse video was acquired using an excitation wavelength of 580 nm 
with one image snapped every 30 seconds. The average intensity of each frame over the 
channel area was graphed over time. 
Imaging collection and statistics 
A Zeiss Axiovert inverted epifluorescent microscope with an attached camera and the 
image acquisition software, Zen Blue 2012, were used to collect cell images. Exposure 
time was controlled during each image acquisition when comparing fluorescent intensity 
expressions. A Zeiss LSM 510 confocal microscope was used to take z-stacks and single 
images of the coculture samples. For each experiment, at least 5 images for each tissue 
layer and at least three replicate samples were analyzed per group. Groups were 
compared for statistical significance using a one-way ANOV A test with a paired Tukey 
analysis if multiple groups were being analyzed, or a t-test was used when comparing 2 
groups. Experimental results were verified for 3 independent experiments. 
Establishing physiological renal architecture and barrier function in vitro 
In vitro coculture architecture mimics renal architecture in vivo 
The coculture conditions referenced throughout this chapter are represented in a 
schematic, seen in Figure 21. The schematic shows each cell type existing in a 
monolayer on either side of the membrane, with visual access through the bottom glass 
surface of the bilayer device. The channel with the RPTEC cells is referenced as the 
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'epithelial channel' and the channel with endothelial cells is called the 'vascular channel'. 
RPTEC and hMVEC fonn complete tissue layers on either side of the membrane. It was 
found that with a 5 11m membrane pore 
diameter, the endothelial cells would not 
migrate through the membrane and each 
cell type remains in separate channels. 
hMVEC cells maintain cell phenotype 
during the 24 hours in which RPTEC are 
seeded and settle in RPTEC-complete 
media. The RPTEC cells, once adhered 
and settled on the membrane, continued 
to proliferate and form a monolayer in 
hMVEC-complete media. Well-
established tissue layers in coculture 
conditions are shown in Figure 22. Under 
epifluorescence microscopy, both layers 
are visible in the same field of view. The 
RPTEC tissue layer resided in the 
thinner channel with tight junctions 
A Coculture conditions 
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Figure 21 (A) Under coculture conditions, 
RPTEC tissue layers were cultured on one 
side of the membrane in the 'epithelial 
channel' while hMVEC mono layers were 
cultured on the other side of the membrane in 
the 'vascular channel'. (B) In non-coculture 
conditions, RPTEC tissue layers were grown 
without the presence of hMVEC tissue. The 
acellular channel is referred to as the 
' interstitial channel ' . All images were 
acquired by looking through the glass bottom 
of the device, as indicated by the arrow. 
Membrane surface topography always faced 
the epithelial channel. 
labeled green, in focus (Figure 22A). The hMVEC tissue layer resided in the wider 
channel and expressed vWF, labeled in red, but also tight junctions in green, and nuclei in 
blue, seen in Figure 22B. These two images indicate a wall-to-wall confluency in both 
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channels. Confocal slices of each cell monolayer can be seen in Figure 22, RPTEC (C) 
labeled with tight junctions (green) and nuclei (blue), and hMVEC (D) labeled with vWF 
(red), tight junctions (green) and nuclei (blue). These two images are taken in the same 
position of the channel but are separated by the 7 urn-thick porous membrane. It is clear 
that the monolayers are well developed with strong tight junctions and tissue-specific 
markers. The confocal z-stack, taken over the planes shown in C and D, depict distinct 
layers of vascular (hMVEC) and luminal (RPTEC) tissue separated by the membrane. 
Each tissue layer covers the width of the channel without exhibiting inconsistent edge 
effects at the channel walls. Figure 22E is one slice of the xz plane. Figure 23F is a 
collapsed xz view and illustrates the RPTEC monolayer (green) having a more cuboidal 
morphology with approximately an 8 11m height compared to the squamous endothelia 
(red), about 3 11m in height, and a clean space where the membrane is located, indicating 
no cross over between the two tissue layers. 
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Figure 22 RPTEC and hMVEC tissue layers are cultured on either side of a membrane 
in a in close-contact coculture conditions that mimics the in vivo architecture of the 
renal transportation barrier. (A, B) Each tissue monolayer exists in a separate channel 
separated by a porous membrane, which can be easily seen at the point where the two 
channels start to branch away from each other towards the inlet and outlet ports. 
RPTEC TJ s are labeled in green and nuclei in blue. hMVEC are labeled for von 
Willebrand Factor (vWF) in red, which is specific to endothelial cells. Scale bar: 100 
Jlm. (C) Confocal slices of the cocultured cells show a confluent RPTEC monolayer 
with well-formed TJ and (D) hMVEC tissue layer with defined TJ and vWF 
expression. Each tissue layer exists in the xy plane, but are separated by approximately 
7 Jlm in the z axis by the membrane. Scale bars: 30 Jlm. (E) A single xz slice of the 
coculture stack and (F) a collapsed xz view of many slices of the stack show clear 
separation between the tissue layers and a thicker epithelial monolayer compared to 
the endothelial monolayer. Scale bars: 10 Jlm. 
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Confocal z-stacks of the bilayer reabsorption model are a strong tool to measure overall 
barrier structure, tissue formation and protein expression in each tissue layer. A z-plot 
profile through the z-stack displays the average intensity of each slice for a given 
fluorescent channel. Figure 23 is a plot of the intensity profile through the z-axis of one 
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Figure 23 A z-profile plot indicates the change in average intensity expression of Z0-1 
and vWF signals through a 14 llm coculture of RPTEC and hMVEC tissue. The plot 
begins at the epithelial channel, spans the membrane and continues through the vascular 
channel. The Z0-1 signal first peaks at the T J of the RPTEC tissue layer and decreases 
down to zero at the membrane before peaking a second time at the hMVEC tissue layer. 
In addition, the vWF signal is insignificant through the RPTEC tissue layer and peaks at 
the hMVEC tissue layer. The width of the peaks corresponds to each tissue layer height, 
which indicates a cuboidal morphology of the RPTEC tissue in comparison to the 
squamous morphology of hMVEC tissue. The low intensity region between 7-10 J.lm 
indicates clear separation between each tissue layer by the porous membrane. 
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reabsorption barrier model. It illustrates several things. First, the bilayer tissue stack 
spans 14 f..Lm, starting with the RPTEC tissue layer (0-8 f..Lm) and ending with the hMVEC 
tissue layer (11-14 f..Lm) with the membrane, indicated by the drop in intensity, clearly 
separating the two tissues. Second, the RPTEC tissue layer is expressing a higher TJ 
expression, indiciated by the Z0-1 signal, compared to the hMVEC tissue layer and the 
hMVEC tissue layer almost exclusively expresses vWF. This is expected since TJs in 
endothelial are known to be leaky in comparison to epithelial in order to passively 
reabsorb many of the solutes and molecules that enter the blood stream. Third, the wider 
peak associated with the RPTEC tissue layer indicated a cuboidal morphology compared 
to the hMVEC tissue layer, which has a peak indicating a flatter tissue layer. Vascular 
endothelial cells are naturally flat cells with a squamous morphology, especially 
compared to RPTEC which are highly polarized to help facilitate a large degree of 
controlled transport. The physiological indications illustrated by the z-stacks support the 
formation of physiological tissue layers posed to express renal-specific transport proteins 
and reabsorptive function. 
Sodium and water transport proteins are expressed in coculture model 
Major transporters in the renal proximal tubule such as the Na+/K+ ATPase pump, the 
sodium-hydrogen exchanger (NHE3) and the water channels (AQPl) are positively 
expressed in RPTEC monolayers grown in coculture conditions. Figure 24 shows the 
expression ofthe basolateral Na+/K+ ATPase pump (A), the NHE3 (B), and AQPl (C) in 
RPTEC monolayers, all labeled green. The hMVEC monolayers directly underneath the 
membrane on which the RPTEC are cultured are labeled red for vWF and can be seen in 
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the images. Additionally, RPTEC tissue layers cultured in coculture conditions have a 
higher average expression over channel area compared to RPTEC tissue layers cultured 
on their own. The presence of an endothelial tissue layer is a physiological addition to the 
reabsorption barrier model, but it is reasonable for it to influence function of the RPTEC 
tissue layer. 
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Figure 24 RPTEC tissue layers in coculture conditions express transporter proteins 
necessary for kidney-specific reabsorption of the renal proximal tubule. (A -C) 
Immunofluorescent expression of the Na+/K+ ATPase basolateral pump, the NHE3 apical 
symporter and the water channel AQPl , respectively, are expressed in RPTEC tissue 
layers. 
The expression of major transport proteins, such as the N a+ /K+ A TPase pump and A Q P 1 
water channels in coculture conditions is a sign that the RPTEC and hMVEC tissue layers 
may function as a dual tissue layer reabsorptive barrier. The increased average intensity 
of Na +;K+ A TPase pump expression in coculture conditions is an indication of higher 
pump activity, but is also a result of many more cells being present in the RPTEC tissue 
layer. If average pump expression was normalized to cell number, for example, the 
expression of RPTEC-only cultures would be significantly higher than that in coculture 
conditions. The physiological level of pump expression can only be speculation. It is 
possible that this expression is dampened when cells reach high levels of confluency. It 
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may be that with numerous cells, each cell does not need to over express transport 
proteins. It is also possible that a physiological expression is not fully reached until FSS 
is applied to cell monolayers. The RPTEC cultures cultured in non-cocultured conditions 
never reach full confluency and therefore are assumed not to be fully physiologically 
accurate compared to the fully confluent RPTEC monolayers cultured in coculture 
conditions. 
Figure 25 RPTEC form a more compact layer of tissue under coculture conditions 
compared to RPTEC tissue grown without the presence of hMVECs. (A) RPTEC 
monolayers after 7 days of culture are compact and well developed with mature tight 
junctions in environments with hMVEC monolayers directly beneath the membrane. (B) 
RPTEC mono layers without the presence of hMVECs also form a monolayer after 7 days 
of culture, but with less compact cells and more punctate junctions. (C) RPTEC 
monolayers labeled with Na+/K+ ATPase pump antibodies also show a densely packed 
tissue under coculture conditions and (D) a more sparse monolayer in non-coculture 
conditions. Nuclei are labeled blue and endothelial cells are labeled red with anti-von 
Willebrand Factor. 
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Endothelial cells influence RPTEC tissue layer formation 
Two cell types in close contact, whether cultured on the same surface or separated by a 
membrane, communicate via soluble factors. It is expected that cell types, such as 
RPTEC and hMVEC, which exist in close proximity in the body, will influence each 
other in vitro. We have found after multiple culture rounds of coculture and non-
coculture conditions, that RPTEC tissue layer formation in our device is highly 
influenced by the presence of endothelial cells. This is the case when the RPTEC in non-
coculture conditions are cultured in hMVEC or RPTEC-complete media. The inclusion of 
a microvascular tissue layer into the model adds another aspect of physiological 
accuracy, and thus is assumed to elicit a more physiological response from the RPTEC 
tissue layer. 
RPTEC monolayer formation is enhanced in the presence of hMVEC tissue 
RPTEC cells grown in device channels with hMVEC-complete media and without the 
presence of hMVEC cells will stop proliferating and lose their phenotype after 3 days of 
culture. RPTEC tissue layers will form in RPTEC-complete media without the presence 
of hMVEC tissue, but at a slower rate and less consistency compared to RPTEC tissue 
layers formed in complete coculture conditions. Figure 25 shows immunofluorescent 
images of tissue layers formed under non-coculture conditions in RPTEC-complete 
media (A, C) and coculture conditions in hMVEC-complete media (B, D). Over a 7 day 
culture period, RPTEC tissue layers appear very compact with a high cell count and well-
developed TJs under coculture conditions compared to RPTEC-only tissue layers. Tight 
junctions (A, B) and Na!K ATPase pump expression (C, D) is present in each tissue 
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layer. The hMVEC tissue layer is labeled with vWF (red) and can be seen just beyond the 
RPTEC tissue layer in (C). It is clear that over the same culture time period, the presence 
of hMVEC tissue enhances RPTEC tissue layer formation even when cultured in hMVEC 
growth media. 
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Figure 26 RPTEC tissue layers proliferate at a higher rate in coculture conditions 
compared to non-coculture conditions. The WST -1 test is a metric of mitochondrial 
activity. The WST-1 dye intensity is correlated to amount of viable cells in the 
environment tested. (A) Graph shows that the average number of RPTECs/mm2 in 
coculture conditions is more than double the number of cells in RPTEC-only conditions 
after 7 days of culture. * P < 0.001 compared to RPTEC only conditions. (B) Results 
show that RPTEC in coculture conditions have increased mitochondrial activity 
compared to RPTEC-only conditions, normalized to cell count. The mitochondrial 
activity of hMVEC cells in coculture conditions can be neglected since their signal alone 
is not detected, data not shown. * P=0.002 
RPTEC-complete media contains 1 Ong/ml of human epidermal growth factor (hEGF) as 
well as other hormones and reagents that are tailored for RPTEC proliferation and 
maintenance. RPTEC-complete media components and sufficient channel perfusion will 
support RPTEC tissue layer development in our bilayer model. hMVEC-complete media 
also contains hEGF, a higher concentration of FBS and other common media 
components, such as hydrocortisone, as RPTEC-complete media. RPTEC tissue 
development, however, is not supported over 7 days in hMVEC-complete media 
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conditions without the presence of hMVEC tissue. This may be due to other components 
of hMVEC-complete media that hinder RPTEC tissue growth. Thus, the hMVEC tissue 
layers in coculture conditions must be secreting soluble factors that influence RPTEC 
tissue formation. It is well known that vascular endothelial cells secrete vascular 
endothelial factors (VEGF) and more significantly that VEGF has an effect on proximal 
tubule tissue development132. Even in the presence of hMVEC-complete media, which 
does not sustain RPTEC tissue layer on its own, the addition of hMVEC tissue increases 
RPTEC proliferation, quantified by cell count and mitochondrial activity between the two 
conditions. 
The observational difference between tissue layer formation in coculture and non-
coculture conditions is corroborated with data shown in Figure 26. RPTEC tissue layers 
formed in non-coculture conditions have 43% less cells when cultured over the same time 
period compared to RPTEC tissue layers formed in coculture conditions, Figure 26(A). 
In a similar metric of cell count, the mitochondrial activity was measured using a WST -1 
bioassay. RPTEC tissue layers grown in non-coculture conditions produce a positive 
signal that was less than RPTEC tissue layers grown in coculture conditions. The 
mitochondrial activity from hMVEC tissue present in coculture environment can be 
neglected since it produced a negligible absorbance reading in hMVEC control tissue 
layers. The absorbance signal due to cell count versus mitochondrial activity was 
decoupled by normalizing absorbance values by the average cell number/mm2. This is 
illustrated in Figure 26B, which shows that RPTEC tissue layers had a higher 
mitochondrial activity compared to RPTEC tissue layers cultured in non coculture 
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conditions. Mitochondria supply energy to the cell, but are also involved in signaling, 
cell differentiation and cell growth. The higher mitochondrial activity in RPTEC tissue 
layers under coculture conditions endorse the higher growth rate we have observed in 
cocultured tissue layers. It might also influence levels of active transport present in the 
tissue model. 
Figure 27 RPTEC monolayers are viable and express transport proteins under coculture 
conditions for up to 14 days. (A) Tight junctions in green are expressed with some areas 
out of focus indicating potential multiple layers of cells. (B)The Na/K A TPase pump, 
green, is also still expressed at 14 days. Brighter expression at channel edges probably 
indicates the monolayer extending to the walls of the channel. Nuclei are labeled blue. 
Endothelial cells are also viable on the opposite side of membrane, but are not shown to 
better visualize the RPTEC layer. 
RPTEC Monolayer longevity is enhanced in the presence of hMVEC 
RPTEC tissue layers in non coculture conditions within the bilayer device are typically 
sustained for 7 days with the channels being gently flushed with media 1-2 times per day. 
Past this point, a more frequent channel rinse or constant FSS is needed to maintain 
adequate nutrient transfer to the tissue. The addition of hMVEC tissue into the model 
sustains RPTEC tissue viability for at least 15 days without requiring additional channel 
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flushing or FSS application. Figure 27 shows that RPTEC tissue layers at 15 days in 
coculture conditions still express TJs (A) and renal-specific transporters, such as the 
Na +;K+ ATPase pump (B). Although the tissue is still viable and expressing transport 
proteins at 15 days post-culture, in some cases, the RPTEC tissue continued to grow 
along the channel side walls before folding over on itself, indicating that the tissue is still 
proliferating or forming larger tissue ultrastructure in the channel. At 15 days, the 
hMVEC tissue tended to peel away from the sidewalls, starting to form tubule like 
structures m the channels. Continued growth and tissue structure formation may be 
physiological sign in the coculture model, but if desired, single tissue layers may be able 
to be maintained with the application ofFSS. 
Characterization of transport function in coculture model 
In vitro models of kidney tissue are commonly characterized by the expression of 
transport proteins and the uptake of solutes such as glucose and sodium. These 
approaches identify the tissue as having physiological properties that model in vivo 
tissue, but do not demonstrate complete reabsorption. Very few models have been 
developed that incorporate microvascular tissue to mimic the complete reabsorptive 
barrier in vitro127• 128 . The addition of hMVEC tissue has significant effect on RPTEC 
tissue layer formation and longevity as shown in the previous section. To extend 
physiological-accuracy, we investigated molecular uptake and ion transport function in 
the coculture model. 
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RPTEC tissue layers uptake glucose analog 
Sodium-dependent glucose transporters exist on the luminal surface of RPTEC. The renal 
proximal tubule is responsible for reabsorbing 100% of glucose in the filtrate back into 
the bloodstream. Glucose enters the cell via luminal SGLT -2 and SLGT -1 transporters 
Figure 28 The presence of glucose transporters in our tissue model indicate the ability for 
glucose reabsorption. The sodium-dependent glucose transporter, SGLT2, is responsible 
for the majority of glucose reabsorption in the proximal tubule. (A)RPTEC tissue layers 
cultured in a well plate stain positively for SGLT2. (B) hMVEC tissue layers serve as a 
negative control. (C) SGLT2 is also expressed in RPTEC tissue layers in our bilayer 
model, which indicates the possibility for glucose reabsorption function in vitro. (D) The 
fluorescent glucose analog, 2-NBDG, was added to our the epithelial chamber of our 
coculture model and reabsorption of the glucose was observed as fluorescence within the 
cell body. Arrows indicate 2-NBDG uptake in endothelial cells as well as epithelial cells, 
which may indicate complete transport of the glucose analog through the RTPEC 
monolayer. 
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and exits through the basolateral glucose transporter (GLUT) channels. SGLT -2 is the 
main transporter for glucose in the S 1 and S2 segments of the proximal tubule. It was 
found that RPTEC tissue layers positively express SGLT2 transporters, shown in Figure 
28A, compared to a negative control of hMVEC tissue which not express SGLT2, shown 
in Figure 28B. RPTEC tissue layers in our bilayer device also express SGLT -2, 
indicating the tissue layer may be capable of up-taking glucose from the luminal 
chamber. Figure 28C shows SGLT2 expression in the model, and the uptake of a glucose 
analog in Figure 28D. Glucose analog is a glucose molecule tagged with a fluorescent 
label and has been used to model glucose uptake in kidney cells 131 • The positive uptake of 
glucose analog indicated renal-specific function of glucose transport in our model. 
Ouabain affects sodium reabsorption in coculture conditions 
Sodium sensitive fluorescent nanosensors placed in the endothelial channel indicated a 
decrease in sodium concentration in response to the drug ouabain. This response was 
seen in several coculture models within minutes of ouabain exposure over a duration of 
10-25 minutes. One example can be seen in Figure 29, with the sodium concentration 
decreasing, i.e., a positive change in nanosensors signal, in response to 300 nM of 
ouabain administered through the endothelial channel. A signal increase can only be 
attributed to a decrease in sodium or an increase in the concentration of nanosensors. 
Nanosensors were not being added to the system, and negative controls have previously 
shown (discussed in chapter 2) that the affect does not occur without the presence of 
either cells or ouabain. We argue that the decrease in sodium in the endothelial channel 
was an indication of renal-specific sodium transport in the RPTEC tissue being inhibited 
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by ouabain as it blocks the Na + IK+ A TPase pump function on the basolateral surface of 
the cells. 
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Figure 29 Fluorescent sodium nanosensors were used as a metric of sodium reabsorption 
in our coculture model. The nanosensors extract sodium from the surrounding 
environment, deprotonate and change fluorescence due to the change in immediate pH. A 
decrease in sodium will result in an increase of fluorescent signal read at 640 nm. 
Nanosensors were added to the vascular channel to monitor the reabsorption of sodium 
across the RPTEC/hMVEC barrier. 300 nM ouabain was then injected to act on the 
basolateral Na +;K+ ATPase pump. A time lapse sequence of images was acquired using a 
587 nm excitation wavelength with one image captured every 30 seconds to monitor the 
change in sodium concentration. The signal increased after ouabain exposure and peaked 
at 10 minutes, indicating that ouabain inhibits sodium reabsorption in our bilayer model. 
Most solutes and all of water transport in the proximal tubule are driven by sodium 
reabsorption. A robust metric of reabsorptive function is the measurement of complete 
sodium transport from the epithelial channel, through RPTEC tissue layer, across the 
membrane, through the hMVEC tissue layer and into the endothelial channel. The 
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validated transport of sodium through a bilayer model creates indirect measurements of 
water, glucose and other molecule reabsorption. The presence of sodium transport 
function is significant because it means renal tissue can be modeled in vitro beyond 
architectural accuracy and molecule uptake; under the right conditions, renal reabsorptive 
barriers can be modeled in vitro with renal lumen-to-vasculature reabsorptive function. 
CONCLUSION 
Prior to this work, a well-controlled in vitro model of the renal reabsorption barrier did 
not exist. We have established a physiological microenvironment with user-defined cues 
of surface topography and FSS that enhanced tissue structure formation in vitro and 
mimicked in vivo architecture ofthe renal proximal tubule. We have developed metrics to 
characterize the RPTEC tissue barrier and reabsorptive function in a microphysiological 
model. We extended those metrics to characterize a coculture model consisting of 
RPTEC and hMVEC tissue cultured in a physiological orientation that mimicked in vivo 
reabsorptive barrier architecture. The addition of hMVEC tissue to our barrier model not 
only incorporated another level of physiological-accuracy, but enhanced RPTEC tissue 
formation and viability. The coculture model expressed renal-specific transport proteins, 
demonstrated glucose uptake and responded to drugs that inhibit sodium transport. The 
significance of this research reaches developmental biologists who can use our model to 
study underlying principles of tissue formation, and drug developers who could use our 
platform to study the efficacy and toxicity of compounds in physiological tissue and 
observe the complete transport phenomenon consisting of solutes passing from tubule 
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lumens to vasculature. Our coculture model of the renal reabsorptive barrier not only 
sustains tissue that expresses tissue-specific markers for molecular uptake, it serves as a 
reabsorptive barrier model that can be extended to tissue and organ models throughout 
the body. 
For immediate applications, this work describes the development of a platform that 
serves as a way to directly probe the response of tissue to external stimuli. Our model 
provides access to evaluate the tissue through several means. The channels allow fluid 
and solute interaction with the tissue layer enabling such metrics as hydraulic 
permeability, molecular permeability or sieving, pressure leak-down rates, deformation of 
cells due to flow, or metrics related to analysis of fluid in the system. The established 
metrics allow quantification of tissue response and has significant applications in 
understanding basic biological function, tissue structure formation, drug development and 
toxicity evaluation. Mid-term applications include extending our model to include other 
renal tissue types, such as linking a glomerular filtration barrier in series with a proximal 
tubule reabsorptive barrier to model the bulk of renal function. Longer-term relevance 
may include applying features of our model into a biodegradable scaffold for regenerative 
medicine techniques such as tissue repair or stimulating tissue formation from stem cells. 
Given our innovative approach of controlling multiple microenvironmental conditions, 
we have shown to more closely match and more precisely monitor in vivo-like kidney 
function in our system. The resulting applications will likely have better sensitivity than 
current methods, leading to a better understanding of the biology governing kidney 
development, toxicity, and other disease states. 
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